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Lipases are digestive enzymes that hydrolyse insoluble long chain carboxylic esters. 
They are highly versatile biocatalysts widely used in industrial applications. The 
majority of commercial applications utilise lipases in an immobilised form, with the 
lipase bound to various solid supports. Immobilisation can lead to changes in lipase 
functionality, with respect to their activity and selectivity towards different lipid 
substrates. These changes are often unpredictable and studying the immobilisation of 
lipases on macro supports at a fundamental level is difficult. Two-dimensional 
nanomaterials (2D NMs) such as graphene oxide (GO) possess properties that make 
them useful for enzyme immobilisation studies. However, studies reporting the 
immobilisation of lipases on GO for biocatalytic applications are limited. GO possess 
hydrophobic domains on its surface that can be ‘tuned’ to produce chemically reduced 
graphene oxides (CRGOs), which is useful for studying enzyme immobilisation. The 
nature of these materials enable lipase-support interactions to be investigated at a 
single molecule level. 
In this research, GO was used as a model support to control lipase activity and 
selectivity. The surface chemistry of GO was tuned by the chemical reduction of 
surface oxygen groups for 2, 4, 6, 8, 12 and 24 hours, to produce CRGOs with varying 
degrees of surface hydrophobicity. Surface hydrophobicity was characterised using 
UV-Vis, Raman and ATR-FTIR spectroscopies. The data sets from these techniques 
were modelled, with elemental analysis data used as a reference, using partial least 
squares regression. Using this approach, the chemical reduction of GO was monitored 
using UV (r2 = 0.983, RMSEcv = 0.049), Raman (r
2 = 0.961, RMSEcv = 0.073) and 
ATR-IR (r2 = 0.993, RMSEcv = 0.032) spectroscopies. ATR-IR enabled identification 
of the different oxygen-containing groups on GO, and coupled with chemometric 
modelling provides a robust approach for the routine quantification of the chemical 
reduction of GO.  
Lipases Thermomyces lanuginosa (TL) and QLM (Alcaligenes sp.) were immobilised 
on GO and a range of CRGOs. The effect of support hydrophobicity on lipase activity 
and selectivity towards naphthalamide (NAP) esters of varying chain lengths was 
investigated. Immobilisation of both lipases on GO/CRGOs decreased greater than 
60% of their activity compared to the free forms. After immobilisation, the selectivity 




and ATR-FTIR spectroscopy showed significant changes in the α-helix content of both 
lipases. QLM retained only 60% of its initial α-helical content, while TL retained 80% 
after immobilisation. The two lipases had different adsorption affinities for 
GO/CRGOs, with TL desorbing from the less hydrophobic supports while QLM did 
not. 
The effect of the detergent Triton X-100 (TX-100) on immobilised lipase activity was 
investigated. The addition of TX-100 into the assay modified the activity and 
selectivity of both free and immobilised lipase. Compared to assays with no TX-100, 
the activity of immobilised QLM increased towards medium and long chain esters, 
with greater selectivity for medium chains. CD spectroscopy showed an increase in 
the α-helical content of QLM immobilised on 2 and 4 h CRGOs in the presence of TX-
100, which correlates with the increased activity. Further investigation using CD, 
Zetasizer and activity assays showed that TX-100 interacts with the support, lipase and 
substrate, the combination of which contribute to modifying lipase activity. The effect 
of GO on the dimeric lipase from Rhizomucor miehei (RML) was characterised at the 
single molecule level using atomic force microscopy. Lipase RML was purified using 
anion exchange chromatography, with dimeric and monomeric lipase preparations 
subsequently obtained by gel permeation chromatography. RML dimer and monomer 
preparations were first drop-cast on a mica surface. The height profile of samples was 
obtained using particle analysis. RML lipase molecules in the dimer preparation had a 
wide-ranging height profile (0.5 – 5 nm), whereas the monomer preparation showed 
two distinct height profiles (0.5 – 1.5 and 3.5 – 5 nm). However, the average height of 
single RML lipase molecule in dimer and monomer preparations were similar at 2.41 
and 2.52 nm, respectively. Immobilising the RML dimer and monomer preparations 
on GO led to a different height profile, with the number of lipases with heights greater 
than 4 nm was significantly reduced in both preparations. The average height of a 
single RML molecule in both preparations was the same at about 2.3 nm. These results 
showed that the dimers of RML dissociate into monomers on contact with the GO 
support. 
Our investigation shows that GO/CRGOs are a useful model supports to investigate 
the impact of surface properties on lipase activity on immobilisation. Surface 
hydrophobicity was shown to impact lipase activity and selectivity. However, 
interpretation can be confounded by the effects of additives such as detergents, which 




ability to control lipase structure and function using immobilisation is a useful strategy, 
although further research is required to enable predictable tunability of lipase function 
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TAG   triacylglycerols 
TL   Thermomyces lanuginosus lipase 
TX-100  Triton X-100 
SDS   sodium dodecyl sulfate 
sn   stereospecificity number 
SNV   standard normal variate 






General introduction and research objectives 
 
The majority of content in this chapter has been published in ‘Journal of Materials 
Chemistry b’, RAMAKRISHNA, T.R.B., NALDER, T.D., MARSHALL, S.N., 
YANG, W & BARROW, C.J. (2018) Controlling enzyme function through 
immobilisation on graphene, graphene derivatives and other two dimensional 
nanomaterials. Journal of Material Chemistry B, 6, 3200 – 3218.  
 
1.0 Introduction 
Lipases are important biocatalysts used in a range of research and industry sectors, 
including biomedical, oleochemical, textile, food processing, pharmaceutical and fine 
chemical (Houde et al., 2004, Jaeger and Reetz, 1998, Kirk et al., 2002). The ability of 
lipases to function in a range of environments, from acting optimally under mild near-
physiological conditions, through to catalysis of reactions at extreme temperature or 
pH, means that they can provide alternatives to conventional chemical and physical 
processing methods. The use of lipases for specific applications offers benefits such as 
lower energy requirements, reduced chemical waste output, and greater reaction 
specificity and selectivity (Sheldon and Van Pelt, 2013). For commercial purposes, 
lipases isolated from microbial sources are used most commonly, because of 
production of lipases in higher yield, ease of expression of recombinant lipases through 
genetic modification and the greater variety of catalytic activities and specificities that 
these microbial lipases can offer (Hasan et al., 2006). Many applications using lipases 
do so with immobilised versions, which consist of lipases bound to different 
matrices/supports. Immobilisation aids in stabilising the enzyme, ensuring that 
enzymes do not contaminate final products, and to allow enzyme re-use for reduced 
product production costs (Cao, 2005, Koeller and Wong, 2001). Immobilisation also 
has the potential to modify the activity of the bound enzyme with respect to regio-, 
chemo- and enantio-selectivity and specificity (Rodrigues et al., 2013). The activity of 




used in a particular immobilisation. Furthermore, the conditions under which the 
enzyme is bound to the support surface can affect the enzyme’s activity. 
Currently, there are limitations for the fundamental study of lipases immobilised on 
macro-supports. The most important of these are: 1) assays using these supports 
require constant stirring to maintain suspension of the immobilised enzyme in solution, 
potentially damaging the support; 2) the modification/functionalisation of these 
supports involves complex procedures; and 3) the use of advanced microscopic 
techniques to characterise individual bound lipase molecules is not possible, because 
of the conventional support size being too large. Understanding changes to enzyme 
structure and activity upon binding to solid supports requires knowledge of the 
material architecture at the nanoscale. Nano-materials possess interesting properties 
for use in enzyme immobilisation studies (discussed in Section 1.7.2) and their use as 
model supports may provide fundamental information on how support properties 
effect lipase characteristics. 
 
1.1 Lipase structure and function 
Lipases (E.C. 3.1.1.3) are hydrolytic enzymes that catalyse the breakdown of water-
insoluble lipid substrates, such as triacylglycerols (Verger, 1997). They act on 
carboxylic ester bonds, liberating fatty acids (FA) from triacylglycerols (TAGs), 
diacylglycerols (DAGs) and monoacylglycerols (MAGs). The hydrolysis of insoluble 
lipids differentiates lipases from esterases, which preferentially act on soluble lipid 
substrates (Verger, 1997, Chahinian and Sarda, 2009). Therefore, it is important to 
have empirical data, the amino acid and nucleotide sequence information of enzymes 
before classifying enzymes for lipolytic activity. 
The hydrolysis of insoluble lipid molecules by lipases involves a phenomenon called 
‘interfacial activation’, in which lipases tend to exhibit enhanced activity on contact 
with the lipid-water interface (Sarda and Desnuelle, 1958). Holwerda et al. (1936) 
were the first to observe interfacial activation, followed by Shonheyder and Volqvartz 
(1945). Both groups observed that lipases showed maximal hydrolysis rates when lipid 
substrates exceeded their solubility limit and formed micelles and/or emulsions, while 







Figure 1.1.1 Schematic illustration of the various physicochemical states of ester 
molecules in aqueous media. Monomer (S1), micelle (S2), emulsion (S3) and adsorbed 
monolayer (S4), coexist in equilibrium and potential lipase ‘monomeric substrate’ (S1) or 
‘super-substrates’ (S2, S3 and S4). The lighter area represents the isotropic solution, and the 
darker area represents the turbid emulsion. Adapted from Verger (1997) Copyright (2019) with 
permission from Elsevier. 
To understand the mechanism behind interfacial activation, the 3D structures of 
different lipases were investigated. The first lipase structures were resolved through 
X-ray crystallographic studies in 1990, with both human pancreatic lipase and fungal 
(Mucor miehei) lipase determined (Brady et al., 1990, Winkler et al., 1990). Numerous 
other structures have since been determined, including a number of industrially useful 
microbial lipase structures (Table 1.2. 1). All lipases possess a common α/β hydrolase 
fold, which houses a catalytic triad active site within the structure. The catalytic triad 
consists of a serine, aspartate/glutamate and histidine residues, with the active site 
being covered by a polypeptide loop/lid/flap (Lüthi-Peng et al., 1992, Schmid and 
Verger, 1998). In the vicinity of a hydrophobic environment, the lipase undergoes a 
conformational change, with the lid shifting to uncover the active site, the enzyme 
adsorbing onto the interface (interfacial activation) and catalysis taking place (Figure 
1.2.2). Further studies of lipases in aqueous and non-aqueous media, showed that the 
presence of water was the key factor for the hydrophobic adsorption of the active site 
lid onto the hydrophobic interface of insoluble lipid substrates (Louwrier et al., 1996). 
Water is required for lipase activity because it increases the flexibility of enzyme 




A wide range of lipases from different origins have been studied to investigate they all 
undergo interfacial activation. Both theoretical and experimental data have been 
performed, for example, lipases from mammalian (coypu & guinea pig) and microbial 
(Candida antartica & Pseudomonas glumae) sources, revealing that some lipases have 
‘mini-lid’ domains, as they do not show any interfacial activation (Uppenberg et al., 
1994, Noble et al., 1993, Thirstrup et al., 1994, Hjorth et al., 1993). As reported by 
Hjorth et al. (1993) and Thirstrup et al. (1994), guinea pig pancreatic phospholipase 
(GPL) shows no interfacial activation against tributyrin even in the presence of bile 
salts and/or colipases. This feature of GPL differs from that of other mammalian 
pancreatic lipases, in spite of both showing high percent similarity in their amino acid 
sequence. Through sequence homology studies (Winkler et al., 1990) it was found that 
GPL was missing the ‘lid-domain’ region in its amino acid sequence. Therefore, it was 
confirmed that the lipase GPL cannot undergo interfacial activation due to the absence 
of lid domain in its structure. GPL was able to hydrolyse monomeric lipid substrates, 
therefore a molecular modelling study was performed and the presence of mini-lid in 
GPL was established. In addition, enzyme cutinase was also found to show lipolytic 
activity but no interfacial activation due to lack of lid domain in its structure (Sulaiman 




Figure 1.1.2 Schematic representation of Mucor miehei lipase in closed and open forms. 
(A) closed and (B) open forms (side view): the catalytic triad (yellow) and secondary structure 
elements showing the α/β-hydrolase fold (blue) common to all lipases. Adapted from Schmid 




Similarly, homology studies of microbial lipases from Candida rugosa and 
Pseudomonas glumae showed that they differed significantly from other microbial 
lipases, with their active site motif GxSxG (Gly85-His86-Ser87-Gln88-Gly89) or 
conserved consensus pattern [LIV]-(KG)-[LIVFY]-G-[HYWV]-S-(YAG)-G-
[GSTAC] (from Prosite), found to be absent or broken by other amino acids inserted 
into it (Noble et al., 1993). Also, characterisation of their 3D structure showed that 
both lipases had only 7 and 6 β-sheet strands, respectively; compared to other 
microbial lipases from Rhizomucor miehei (8 strands), Geotrichum candidum (11 
strands) and human pancreatic lipase (9 strands). Therefore from the above study it 
was found that although they hydrolysed lipid substrates they had missing or broken 
lid structure. Based on the above findings, it was postulated that lipases should not be 
categorised solely on the ability to undergo interfacial activation, but mainly on their 
ability to hydrolyse long-chain acylglycerol substrates, and sequence homology for 




Table 1.2.1 Biochemical properties of commercially important lipases. 






pI Opt. pH Opt. 
Temperature 
Lipase B Candida 
antarctica  
33 6.0 7.4 30 – 60 °C Funnel (Rodrigues et al., 2008, Rabbani et 
al., 2015, Li et al., 2010) 
Candida rugosa lipase  60 4.8 7.0 – 7.5  37 °C Tunnel (Trbojević et al., 2013, 
Bornscheuer and Kazlauskas, 2006, 




31.7 4.4  9.0 55 – 60 °C Cleft/crevice (Fernandez-Lafuente, 2010, Meier 
et al., 2007, Brzozowski et al., 
2000) 
Rhizomucor miehei lipase  ~32 – 38 4.2 8.0 45 °C Cleft (Gustafsson et al., 2012, Li et al., 
2018a) 




1.2 Lipase selectivity/specificity 
As well as hydrolysis, lipases can perform other reactions, such as highly enantio- and 
regio-selective esterification, and inter- and trans-esterification reactions in organic 
solvents (Houde et al., 2004). These biocatalytic properties of lipases makes useful in 
the production of various chiral molecules in the pharmaceutical and oleochemical 
industries. Most lipases exhibit similar tertiary structural features, that is, they contain 
the same α/β hydrolase fold. However, depending upon the active site topology lipases 
can exhibit different activity/selectivity. With respect to acylglycerol substrates, four 
types of selectivity occur. These are (1) Lipid type: For example, lipase from 
Penicillium camembertii acts specifically on MAGs and DAGs and not TAGs 
(Yamaguchi and Mase, 1991). (2) Fatty acid selectivity: Lipases also show selectivity 
for fatty acids based on the acyl chain length and structure (i.e. lipase from Candida 
deformans showed specificity towards medium chain saturated esters (C8 and C10) 
(Vaysse et al., 2002), while lipase B from Geotrichum candidum was specific to long 
chain unsaturated esters (cis-∆-9-unsaturated fatty acids) (Charton and Macrae, 1992). 
(3) Positional or regioselectivity: Is based on whether a lipase acts on the primary (sn-
1 and sn-3) or secondary (sn-2) ester bonds in a TAG molecule. For example, lipase 
from Rhizomucor miehei cleaves primarily at the sn-1 position while lipase from 
Geotrichum candidum cleaves at the sn-2 (Takehiko et al., 1993, Sugihara et al., 1994). 
(4) Enatio-/stereo-selectivity: where lipase interacts specifically with a compound 
based on its chirality, potentially leading to the resolution of racemic mixtures of 
molecules. Lipases may also show preferences for isomeric bonds (Figure 1.2.1). For 
example, the hydrolysis of triolein under the same experimental conditions by different 
lipases shows different stereo-selectivity, with lipoprotein lipase preferring the sn-1-
isomeric form while human gastric lipase acts at sn-3 and porcine pancreatic lipase 





Figure 1.2.1 Schematic representation of TAG hydrolysis based on substrate selectivity. 
Regio-selectivity – if a lipase acts on (a) and (c) but not (b), then it is called regio-selective. If 
active on (a), (b) and (c) the reaction is non-specific. Stero-selectivity: if a lipase hydrolyses 
(a)>[(b) & (c)], (c)>[(a) & (b)] or (b)>[(a) & (c)] then it is classed as sn-1, sn-2 or sn-3 stereo-
selective, respectively. Adapted from Stadler et al. (1995b) with permission from HRČAK – 
Portal of Scientific Journal of Croatia. 
 
It has been shown that multiple lipases obtained from the same species may exhibit 
combinations of the substrate selectivities represented in Figure 1.2.1. As an example 
of stereo-preference, the lipase from Geotrichum species showed sn-2 preference with 
high selectivity for 1,3-dipalmitoyl-2-oleyl-sn-glycerol substrate in comparison with a 
triolein substrate, whereas another lipase from the same Geotrichum species preferred 
sn-1 and sn-3 bonds. Stadler et al. (1995a) found that the acyl chain length of a 
substrate also affects the stereo-selectivity of lipases. For example, when the acyl ester 
in the sn-2 position of a TAG was replaced with a non-aliphatic moiety, the 
stereoselectivity of lipases from Chrombacterium viscosum, Pseudomonas species and 
Rhizopus arrhizus shifted their preferences from the sn-3 to sn-1 positions. This 
demonstrates regional selectivity and stereoselectivity are interconnected and that 






1.3 Lipase activity analysis 
There are numerous methods that have been developed for characterising lipase 
activity and selectivity. The choice of method should be selected based on the user’s 
specific requirement for assessing lipase activity. The different methods can be applied 
for qualitative, quantitative and kinetic characterisation of lipase activity (Pinsirodom 
and Parkin, 2001). The critical parameters that need to be considered when choosing 
a method for assessing lipase activity are sensitivity, simple vs complex procedures, 
and high-throughput vs accuracy.  
Comprehensive reviews on various methods used for the detection of lipase activity 
have been published by Hasan et al. (2009) and Beisson et al. (2000). The most 
commonly applied methods are titrimetric assays, chromatographic techniques and 
chromogenic/fluorogenic-based spectroscopic assays. 
 
1.3.1 Titrimetric assays 
Titrimetric assays are used with natural TAG substrates such as tributyrin (Mccoy et 
al., 2002), ghee (Pinsirodom and Parkin, 2001), olive and fish oils (Kurtovic et al., 
2010). These assays are low cost and convenient for characterising lipase activity 
(Brockman, 1981). In the assay, the lipase activity is measured by monitoring pH. As 
hydrolysis proceeds carboxylic acids are released and subsequently titrated with a 
suitable base, usually sodium hydroxide, the volume of which is proportional to the 
level of hydrolysis (i.e. more the consumption of base means higher the rate of lipase 
activity). However, this method is relatively time-consuming and lacks sensitivity for 
measuring lipase activity below 0.1 μmol.min (Ferrato et al., 1997). It also gives 
limited information regarding specificity/selectivity.  
 
1.3.2 Thin layer chromatography/Iatroscan 
This method can be applied for separating hydrolysates based on lipid class, such as 
MAG, DAG, TAG, phospholipids and free fatty acids (Hasan et al., 2009). The 
technique is now automated with Iatroscan TLC-FID models (NTS International, 
USA) equipped with flame ionisation detector. Using an Iatroscan qualitative and 




regarding regio-selectivity and hydrolysis rate. This method has advantages over other 
chromatographic techniques, namely high performance liquid chromatography 
(HPLC) and gas chromatography (GC), primarily owing to short run time and simple 
sample preparation (Fuchs et al., 2011). However, obtaining hydrolysis data is 
difficult, and the technique is limited in terms of reproducibility and sensitivity.  
 
1.3.3 HPLC and GC 
The incorporation of high performance liquid chromatography (HPLC) into a method 
for measuring lipase activity with synthetic substrates was first developed by Maurich 
et al. (1991). Activity was measured with various substrates, such as β-naphthyl 
laurate, palmitic acid and p-nitrophenyl laurate esters. HPLC utilises column 
chromatography to separate and quantify, components in mixtures. The principle is 
similar to TLC, in which liquid (a mobile phase) moves through resin or support 
(stationary phase). The stationary phase consists of silica particle attached to C8 
hydrocarbons, in the case of C8 HPLC, and the mobile phase consist of a mixture of 
two solvents with different polarity. These solvents are mixed by auto sampler and 
pushed through the stationary phase by high pressure pump (Hanekamp et al., 1979). 
The mobile and stationary phases can also be altered either to a hydrophilic (normal 
phase HPLC) phase to elute more hydrophobic compounds and vice versa (for reverse 
phase HPLC) (Tojo et al., 1993). The samples are passed through the injection valve 
into the mobile phase stream.  The samples separated by the column are detected by 
UV detector at 254 nm. Phospholipase A2 have been assayed using HPLC, by using 
heptane-isopropanol-H2SO4 extraction method. The fatty acids were released by lipase 
in the presence of margaric acid (an internal standard), and pre-column derivatisation 
with 9-anthryldiazomethane. The released long chain fatty acids were determined by 
UV detector (Hasan et al., 2009). The method is relatively rapid and can be used to 
separate various mixtures of lipids in lipase-catalysed hydrolysates. A noteworthy 
advantage is the lack of sample preparation, with no additional modification of fatty 
acids required before loading into the HPLC column. Along with standard UV-vis and 
refractive index detectors, a number of universal detectors are available, such as 
evaporative light-scattering detector (ELSD) and the charged aerosol detectors (CAD). 
These can accurately detect lipids at concentrations ranging from ng – μg (Vehovec 




response depends on mobile-phase composition. Additionally, these detections are 
expensive for routine analysis.  
GC is preferable to HPLC due to the availability of detectors such as FID-MS 
(Louwrier et al., 1996, Snellman and Colwell, 2008). GC requires the fatty acids to be 
converted into fatty acid methyl esters (FAMEs), to increase compound volatility. The 
mixture of FAMEs are then separated and detected by FID upon elution from the 
column. To further enhance the sensitivity and resolution of the method, GC can be 
coupled with MS. Although the method is efficient and highly sensitive, the technique 
is time consuming, non-continuous and expensive compared to other chromatographic 
techniques.  
 
1.3.4 Chromogenic and fluorogenic spectrophotometric assays 
Methods using chromogenic or fluorogenic synthetic substrates are among the 
simplest and most rapid assays used for determining lipase activity (Chapus et al., 
1976, Negre et al., 1985). Chromogenic and fluorogenic assays are monitored using 
UV-Vis and fluorescence spectrophotometers, respectively. Lipid substrates, usually 
fatty acids, are bound to a suitable chromophore/fluorophore via an ester bond. The 
ester bond is hydrolysed by lipase releasing the chromophore/fluorophores, with 
activity proportional to the absorbance/fluorescence intensity. Chapus et al. (1976) and 
Semeriva et al. (1974) developed a rapid screening method for measuring lipase 
activity and selectivity. In this method, para-nitrophenyl acetate (pNPA) substrates 
were used to investigate the mechanism and interfacial activation, with the lipase 
hydrolysing the ester bond and releases pNP into solution, turning it yellow. The 
amount of pNP released in solution was monitored by measuring the absorbance at 
400 nm. This work showed that in the 1970’s the use of pNPA was already established 
for assessment of esterase. Later Winkler and Stuckmann (1979) extended the work 
related to the pNP assay and showed that the released pNP can be detected at UV 
absorbance 400-410 nm. A number of pNP esters are commercially available, most of 
which are saturated acyl chains with varying chain lengths (C2 – C18). Other pNP-
derivatives have been synthesised for screening lipase activity. Qian et al. (2011) 
prepared 17 pNP-esters of four different general types: 1. linear aliphatic (different 
chain lengths), 2. branched aliphatic (different branched position), 3. cycloalkyl 




synthesised EPA and DHA-pNP esters for studying the omega-3 selectivity of lipases. 
The pNP ester assay is useful for the rapid screening of lipase FA selectivity. Hriscu 
et al. (2013) showed the assay cannot be used below pH 6 as pNP (in p-nitrophenoxide 
form in solution) is colourless and cannot be detected at wavelength 410 nm (standard 
UV-Vis wavelength of the assay). The above limitation of the assay can be overcome 
by using isosbestic point of p-nitrophenoxide. However, most protocols run pNP assay 
in basic condition at 410 nm, at this wavelength the extinction coefficient of pNP is 
pH-dependent. Therefore, the extinction coefficient of pNP at different pH must be 
defined. 
Fluorescence-based assays are generally orders of magnitude more sensitive than 
colorimetric assays. Rhodamine B and 4-methumbelliferone are well-known 
fluorophores that have been applied in rapid screening of lipase activity (Kouker and 
Jaeger, 1987, Roberts, 1985). Rhodamine B is used as an early-stage screening method 
for determining lipase activity in bacterial colonies or strains. The fluorophore reacts 
with hydrolysed fatty acids from the bacterial colonies grown on agar plates. The 
activity of lipase from these colonies can be quantified by visualising the fluorescence 
intensity under UV-light. 4-Methumbelliferone is used in assay formats similar to pNP 
assays, except that excitation (365 nm) and emission (450 nm) wavelengths are used 
in place of absorbance. A range of acyl chain esters can be coupled with 4-
methumbelliferone for determining lipase selectivity (Kouker and Jaeger, 1987, 
Roberts, 1985).  
One disadvantage of using assays based on the hydrolysis of synthetic substrates is 
that the lipase activity cannot be investigated with respect to positional selectivity, as 
such comparisons with natural TAG substrates need to be undertaken. 
 
1.4 Lipase applications 
Lipases allow for reactions to be carried out under milder conditions than conventional 
chemical and physical procedures. Some drawbacks of conventional procedures 
include the use of extreme temperatures, pH and high chemical concentrations. 
However, using lipases as biocatalysts, these drawbacks can be overcome. In addition, 
the reactions carried out by lipases are eco-friendly when compared to conventional 




Lipases from microbial sources are the most widely utilised in commercial settings. 
This is due to the ability to modify their biochemical properties via recombinant 
techniques (Hasan et al., 2006). Some of the industrial lipase applications are described 
below.  
In the oleochemical industry, lipases perform hydrolysis, esterification, inter- and 
trans-esterification reactions. During this process, TAGs are converted into 
oleochemical products such as soaps, cocoa butter equivalents, spreads (e.g. 
margarine), biodiesels, structured lipids and rich/low calorie lipids (Saxena et al., 
1999). For example, lipase from Candida sp. immobilised on cotton membrane was 
able to produce biodiesel with transesterification of salad oil, with 92% conversion of 
the original salad oil and lipase from Candida rugosa was used to produce liquid soap 
by hydrolysing waste edible oils (Saxena et al., 1999, Benjamin and Pandey, 1998). 
Lipases are used as laundry cleaning agents which actively remove fat stains from 
clothes and prevent redeposition/adsorption of fats on washed clothes (Hasan et al., 
2006). Often detergents with chemical formulations require higher temperatures to 
remove stains. Lipases can function at milder temperatures, meaning less energy is 
required for laundering. Some of the commercially successful lipase-formulated 
detergents include Lipolase (Novo-Nordisk), Lipomax (Gist-Brocades) and Lumfast 
(Geneor) (Schmid and Verger, 1998). Using lipases also removes the need for 
chemicals ingredients, such as active chlorine compounds, bleach, polycarboxylates 
and brighteners that may enter the environment in grey water; many of which are toxic 
to aquatic species (Houde et al., 2004).  
A number of pharmaceutical products are synthesised using lipases from Alcaligenes 
sp, Candida rugosa, Achromobacter sp., Candida antartica and Aspergillus oryzae. 
These lipases are used to resolve racemic mixtures, yielding enantiomerically pure 
products, such as amides, esters and carboxylic acids for drug synthesis. These 
molecules are used in the preparation of drugs like ibuprofen (anti-inflammatory), 
Taxol® (anti-cancer) and Lobucavir (anti-viral) (Houde et al., 2004, Bonrath et al., 
2002). Since lipases can catalyse reactions under mild conditions they prevent 
isomerisation and epimerisation, resulting in fewer side reactions (Houde et al., 2004).  
Patients suffering from malnutrition due to an inability to produce active pancreatic 




has been reviewed in detail by Pandey et al. (1999), Arnold et al. (1975) and Hasan et 
al. (2006).  
Lipases are also used to concentrate polyunsaturated fatty acids (PUFAs), such as the 
omega-3 (n-3) FAs eisosapentaenoic and docosahexaenoic acid, which are important 
for human health issues, including cardiovascular, neurological and visual function 
(Swanson et al., 2012, Kris-Etherton et al., 2002, Innis, 2008). Since human body 
cannot effectively produce omega-3 fatty acids, additional supplements derived from 
plant and fish-oil products are necessary for human consumption. EPA, DHA and 
docosapentaenoic (DPA) can be concentrated from oils by microbial lipases such as 
Candida rugosa (Tanaka et al., 1992), Candida antartica (Akoh et al., 1995), 
Rhizomuchor miehei (Akoh et al., 1995), Rhizopus oryzae (Shahidi and Wanasundara, 
1998), Thermomyces lanuginosus (Akanbi et al., 2013) and used as nutritional 
supplements. 
 
1.5 Lipase immobilisation 
Lipases are soluble in aqueous solutions, making it difficult to recover these 
biocatalysts from the products, hence they are often immobilised or aggregated for use 
in reactions. Many industrial applications utilise lipases in immobilised forms, with 
immobilisation sometimes improving the stability and/or activity of lipases. A review 
by Hanefeld et al. (2009) covers the different enzyme immobilisation methods in great 
detail. A brief summary of the most common immobilisation approaches (adsorption, 
covalent coupling, cross-linking and entrapment (Figure 1.5. 1) is described below.  
Immobilisation via adsorption involves various non-covalent interactions, such as 
hydrogen bonding, hydrophobic and electrostatic interactions (Verger, 1997). 
Hydrophobic adsorption of lipases results in their interfacial activation on the supports. 
This conformational shift often results in improved activity towards certain lipid 
substrates (Spahn and Minteer, 2008). Hydrophobic interaction can also be used to 
purify lipases from crude preparations. For example, lipases from Chrombacterium 
viscosum (1000-fold) and Pseudomonas sp (670-fold) were purified using selective 
adsorption on hydrophobic glass beads (Isobe and Sugiura, 1977). Similarly, 
Fernandez-Lorente et al. (2005) were able to purify three different lipases from crude 




hydrophobicity. In their study, when octyl agarose was used to purify the crude 
preparation, two lipases with molecular weight 45 kDa and 65 kDa were obtained. 
Adding octyl-Sephabeads to the non-adsorbed proteins from octyl agarose resulted in 
purification of the third lipase with molecular weight 31 kDa. The use of physical 
adsorption techniques does have a disadvantage. This being that the bound lipases may 
lose affinity for the support, particularly in the presence of hydrophobic lipid substrate, 
resulting in enzyme leaching (Datta et al., 2013).  
Covalent immobilisation involves covalently linking lipases to the surface of the 
support. The functional groups such as thiol, epoxy and carboxylic are functionalised 
on the surface of the support and covalently linked to the primary amines of lipases 
using glutaraldehyde or peptides and linking agent such as EDAC (Spahn and Minteer, 
2008). Covalent binding greatly reduces the amount of bound lipase leaching into the 
reaction medium than compared to non-covalent binding, and can stabilise the 
structure of an enzyme. An example is the lipase from Candida rugosa covalently 
bound on epoxy-functionalised supports that exhibited higher temperature stability 
(Knezevic et al., 2006). Covalent binding can also permanently distort the structure of 
bound lipases and affect the activity detrimentally (Dijkstra et al., 2006). 
Immobilisation via cross-linking is a technique in which lipases are not immobilised 
on a support but are made to undergo self-aggregation or crystallisation. The resulting 
structures are known as crosslinked enzyme aggregates (CLEAs) and crosslinked 
enzyme crystals (CLECs) (St. Clair and Navia, 1992, Margolin, 1996). CLECs are 
prepared by the addition of ammonium sulphate, which precipitates lipases into 
crystals. Whereas, CLEAs are prepared by cross-linking with glutaraldehyde. Both 
these techniques can be combined with detergent to help to retain lipases in an open 
conformation to improve overall activity. Lipases-CLECs from Burkholderia cepacia- 
were found to retain its lipase activity and Lipase-CLEAs from Candida antarctica 
were found to retain high thermal activity (Dijkstra et al., 2006). However, these 
aggregates do not hold water adlayer in them, so when used in organic solvent, these 
aggregates will show low catalytic activity, as the presence of water is important for 
lipase to perform better (Datta et al., 2013). 
Entrapment of lipases, within a sol-gel or fibre matrix, can use either covalent or non-
covalent bonding to carry out immobilisation (Avnir et al., 2006). This technique adds 
high mechanical stability to the immobilised lipase. Lipases from Candida rugosa 




in a dispersed state, and were useful biocatalysts in organic media such as methyl 
acetate, oil and isooctane (Orçaire et al., 2006). The advantages of this approach, 
including reduced enzyme conformational change, improved biocompatibility and 
allowed easy chemical modification via alkene groups (Datta et al., 2013). 
Disadvantages include low activity, lipase leaching and denaturation due to free radical 
formation (Datta et al., 2013). 
 
Figure 1.5.1 Schematic representation of different immobilisation approaches. Adapted 
from Adlercreutz (2013) with permission from Royal Society of Chemistry. 
 
1.6 Lipase structural analysis 
The most well-known techniques for studying immobilised lipases are discussed 
below.  
 
1.6.1 UV-Vis spectroscopy 
UV-Vis spectroscopy is used to measure the transmittance or absorbance of molecules 
in solution, to give information about surface functional groups. The technique can be 
used to analyse immobilised lipases, with spectral shifts (peaks) indicating changes 
that occur when the protein interacts with the support (Dumri and Hung Anh, 2014). 
The technique lacks sensitivity, as only limited diffused light or reflected light from 
the sample reaches the detector. However, by running samples under diffuse 
reflectance mode can improve the sensitivity of the instrument. UV-Vis spectroscopy 
is sometimes combined with other spectroscopic instruments such as CD and Raman 





1.6.2 Fourier transform-infrared resonance (FTIR) spectroscopy 
The FTIR spectrum of a protein (enzyme) identifies functional groups. This can be 
used to evaluate conformational changes in protein secondary structure (Manning, 
2005). Among these, the amide I band (1700 – 1600 cm-1) is the most sensitive and 
commonly used to determine secondary structural changes (Secundo, 2013). Some of 
the protein secondary structures assigned spectral bands are β-turns (1660 – 1690 cm-
1), α-helices (1650 – 1657 cm-1) and β-sheets (1620 – 1640 cm-1). Protein flexibility 
can also be monitored by using the hydrogen/deuterium (H/D) kinetic parameter at the 
amide II band. Using FTIR the hydration state of lipase can be evaluated using both 
amide I and II bands. These bands are sensitive to hydrogen bond formation, which is 
an important parameter for reactions carried in non-aqueous media (Secundo, 2013, 
Secundo et al., 2008).  
FTIR can be performed with various configurations, including diffuse reflectance 
mode (DRIFT), attenuated total reflection mode (ATR-FTIR) and transmission mode. 
Configuration choice depends on whether the sample is dry, or in aqueous or non-
aqueous media. ATR-FTIR is used extensively for characterising immobilised lipases 
(Secundo, 2013). This is because the technique is relatively simple to perform, requires 
no sample preparation and analyses samples in a short interval of time. By layering a 
thin film of the sample on the internal reflection element (IRE) unit it is possible to 
obtain spectra and monitor conformational change over time. To improve spectral 
resolution the samples are coupled with gold/silver nanoparticles, known as surface 
enhanced infrared absorption spectroscopy (SEIR) (Ataka and Heberle, 2007). A 
recent application of FTIR is in the ‘chemical mapping’ of samples, which allows the 
location and quantity of lipase to be determined on different supports. How the lipase 
interacts with the support can then be investigated, for example the diffusion of the 
protein into porous supports, the formation of molecular aggregation, and 
concentration of lipase bound to a support. The technique has been applied in a study 
of lipase Rhizomucor miehei bound to hydrophobic sol-gel (Portaccio et al., 2011, 
Jürgen-Lohmann et al., 2009) and lipase CalB on various macroporous resins (Mei et 




1.6.3 Raman spectroscopy 
This technique can be used to help understand conformational changes of immobilised 
lipases in both aqueous and dry states (Ranieri et al., 2011, Carey, 1999). Raman 
spectral analysis reveals protein bands associated with sulphurous, aromatic and 
peptide groups. The technique has advantages over FTIR, with simple sample 
preparation and minimal interference from water-related spectra (Carey, 1999). The 
method is sensitive for analysing amide I (C=O stretching) and amide III (N-H 
bending) bands, shape and position for protein conformational changes. The amide I 
band for α-helical structure falls at 1645 – 1660 cm-1 and for β structure(s) at 1250 – 
1350 cm-1 (Secundo, 2013). As with FTIR it is possible to perform ‘chemical mapping’ 
(also known as ‘Raman imaging’). The Raman image data are correlated with the 
spectra to understand protein structure, material stress and the distribution of protein 
over the support (Baena and Lendl, 2004). 
 
1.6.4 Circular Dichroism (CD)  
CD spectroscopy is a highly reliable and simple approach that is widely applied for 
the study of protein secondary and tertiary structure. A CD instrument is equipped with 
a UV detector, which measures the unequal (differential) absorbance of right- and left-
handed circularly polarised light by a molecule. Protein secondary and tertiary 
structure can be measured at the far (250 – 190 nm) and near (300 – 250 nm) regions 
of the UV spectrum. The advantage of the technique is that secondary structures such 
α-helix, β-sheet and β-turn can be quantified by performing spectral deconvolution 
using various software such as CONTIN, MLR, CCA and K2D (Greenfield, 2006). 
An example of how CD was used to study changes in protein secondary structure using 
poly-L-lysine is shown in Figure 1.6.4.1. CD spectra for α-helical conformation of 
poly-L-lysine shows two negative bands at 222 nm and 208 nm and one positive band 
at 195 nm. If poly-L-lysine are incorporated in antiparallel β-sheet, then the CD 
spectrum would show protein conformation with one negative to 218 nm and one 
positive band to 195 nm, respectively. Some proteins like collagen have more 
complicated structures in which three polypeptide chains wrap together to form triple 
helix or random coil. Such proteins will show CD spectrum with one negative band at 




denatured then they have low ellipticity, with one negative band at 195 nm and a 
positive band above 210 nm (Greenfield, 2007).  
CD spectroscopy can be applied to study immobilised lipases in both aqueous and non-
aqueous media (Mohamad et al., 2015). The technique is only reliable when the 
supports can remain dispersed in solution, as is the case with nanomaterials (Wallace 
and Mao, 1984). A significant advantage of using CD is that it can measure samples 
with protein concentrations < 20 μg/mL. The technique cannot provide residue-
specific information. To obtain this, nuclear magnetic resonance (NMR) or X-ray 




Figure 1.6.4.1 CD spectra showing secondary structures of polypeptides. Poly-L-lysine in α-
helix (1, black) and antiparallel β-sheet (2, red) conformation at pH 11.1, and in extended 
conformation (3, green) at pH 5.7. Placental collagen in its native triple-helical (4, blue) and 
in denatured forms (5, cyan) at pH 5.7. Adapted from Greenfield (2006) Copyright © 1969 





1.6.5 Atomic force microscopy (AFM) 
AFM is a highly advanced microscopy technique used to understand molecular 
interactions. It is most commonly applied to scan the surface topography of both 
organic and inorganic materials (Binnig et al., 1986). More recently, AFM has been 
used to study lipase structural and kinetic parameters. For example, the real-time 
structural conformation and activity of Humicola lanuginose lipase (HLL) against 
phospholipids was investigated (He et al., 2015, Balashev et al., 2001). Samples are 
scanned using a sharp nano-tip made of silicon nitride or gold and monitored at a set 
force constant (0.01 – 1 nN). Samples for AFM are either drop cast or spin coated onto 
a mica surface before analysis. AFM can be run in different modes depending on the 
user’s requirements. For sample topological information Scan Asyst mode (air/liquid) 
is suitable. Peak force quantitative nanomechanical measurements (pQNM) are used 
for measuring mechanical properties such as adhesiveness, elasticity and deformation. 
Furthermore, AFM can be used to study rupture force/affinity between two binding 
molecules, which is known as single molecule recognition force (SMRF). The SMRF 
procedure involves modifying the scanning tip with one molecule and using it to scan 
the second molecule. In this process the force applied on the tip cantilever scans the 
surface topography of the sample and a range of force curves are exhibited through 
which the lipase conformational changes can be studied (Balashev et al., 2001). 
Nicolaou (2014) used this technique to study the rupture force between CalB and the 
carboxylic ester ± -2-acetoxypropionic acid at low temperatures, to assess whether the 
lipase could be used as a cold water detergent.  
 
1.6.6 Electron microscopy 
Electron microscopy (EM) includes scanning (SEM), transmission (TEM) and field 
emission electron microscopy (FEM). These methods are used to study the surface 
morphology features of lipases immobilised on the surface of a support. Studies have 
used EM to confirm enzyme immobilisation and distribution. These are important 
parameters for understanding substrate accessibility to enzymes (Yudianti et al., 2011, 
Chatterjee et al., 2014, Rahman et al., 2009). The techniques is important for 





1.6.7 Nuclear magnetic resonance (NMR) spectroscopy 
Advances in solid-state NMR spectroscopy and one dimensional NMR techniques 
have paved the way in understanding changes in protein structure, orientation and 
localisation of protein regions that actively interact with supports (Secundo, 2013, 
O’connor et al., 1992). Using solid-state NMR the structure and interaction of salivary 
proteins bound to a calcuim carbonate mineral interface was investigated (Goobes et 
al., 2007), the structure and crystal recognition mechanism of the bound protein could 
be studied at greater details. This technique combined with computational studies 
provides a valuable tool to study the secondary and tertiary structures of proteins and 
protein orientation/interaction on supports (Kijac et al., 2007, Goobes et al., 2007). 
Though the technique is complex it is one of the most powerful techniques for studying 
interactions at the protein-support interface. 
 
1.6.8 Mass spectroscopy 
Two different mass spectrometry (MS) approaches can be applied to study protein 
structural changes. One approach uses only MS, and measures the change in mass 
while carrying out reactions such as hydrogen/deuterium (H/D) exchange, alkylation 
and radiolysis. The second approach uses electrospray ionisation mass spectroscopy 
(ESI-MS), based on the presence of charged ions on proteins surface in native and non-
native states (Rita, 2003). ESI-MS was used to monitor the unfolding of lipase from 
Burkholderia glumae (BGL) at various temperatures and pH in non-aqueous media. It 
was found that the thermal inactivation of lipase preceded protein denaturation, i.e. the 
deactivation of lipase was not actually due to denaturation of proteins but due to 
extreme pH and temperature conditions (Invernizzi et al., 2009). 
 
1.7 Matrices for lipase immobilisation 
The choice of immobilisation support is crucial as it can change the properties of the 
bound lipases. Various types of supports and their use for lipase immobilisation are 





1.7.1 Conventional immobilisation supports  
Conventional immobilisation supports have been used in both research and industrial 
settings for decades. Supports can be fabricated from a range of materials with variable 
properties, including resin size, hydrophobicity, charge, surface functional groups and 
porosity. The porosity i.e. pores or holes on/within the support, is classified into 
macro- (>50 nm), meso- (>2-50 nm) and microporous (<2 nm) materials. These 
supports can be used directly, or they can be modified/functionalised to facilitate more 
targeted immobilisation approaches (Datta et al., 2013) 
Support materials include a range of natural polymers, such as alginate, chitosan, 
chitin, carrageenan, gelatin, cellulose, starch, pectin and agarose (Datta et al., 2013). 
These supports can be crosslinked with divalent cations (e.g. Ca2+, Fe3+) and 
glutaraldehyde to improve the stability of bound lipase. For example, tannase from 
Aspergillus aculeatus bound on Ca2+ modified gelation showed improved activity and 
stability compared to the free enzyme (El-Tanash et al., 2011). Lipase from 
Pseudomonas fluorescence immobilised on octyl-functionalised agarose showed 
improved enantioselectivity with ethyl--hydroxyl butyrate (Bastida et al., 1998). 
Sometimes these support materials are used in combination, for example a chitosan-
coated alginate support was used to immobilise CRL, resulting in improved enzyme 
trapping, stability and activity (Datta et al., 2013).  
Synthetic polymers are also used to fabricate supports, with examples being sodium 
polystyrene sulphonate (Amberlite), acrylic hydrophobic support (Toyopearl), 
polyvinyl chloride, polyurethane microparticles, methacrylated/fumaric acid-modified 
epoxy, polyaniline and nylon (Datta et al., 2013, Fernandez-Lorente et al., 2008, 
Zdarta et al., 2018). These are all insoluble supports with porous surfaces for the 
efficient trapping of enzymes (Datta et al., 2013). Lipase from Candida cylindracea 
was covalently immobilised on nylon and used to synthesise ethylpropionate, 
isoamylpropionate and isoamylbutyrate esters (Carta et al., 1992). Another example 
used glyoxal-functionalised Toyopearl™ to immobilise lipase from Thermomyces 
lanuginosus through multipoint covalent attachment. The bound lipase exhibited 27-
fold increase in transesterification activity with palm oil compared with the free 
enzyme (Mendes et al., 2011). 
Inorganic supports are also used in immobilisation, including zeolites, ceramics, celite, 




defined structures, and are often used for the adsorption of lipases. Lipase B from 
Candida antarctica, immobilised on silane-modified ceramic foams, was found to 
show improved activity relative to free lipase, with high binding affinities and loading 
capacities (Kamori et al., 2000). 
Although many conventional supports have and are used successfully in industrial 
applications, understanding how lipases interact with these supports at a fundamental 
level is challenging. The ability to utilise advanced microscopic/spectroscopic 
techniques to characterise the conformation of bound lipases is limited, due to the 
support size being too large for these techniques to be applied. For this reason recent 
research has focused on exploring nanomaterial supports for enzyme immobilisation 
studies.  
 
1.7.2 Nanomaterial immobilisation supports 
Nano-supports have advantages over conventional supports, they possess relatively 
large surface areas for efficient enzyme loading with minimal mass transfer (most 
lipases can react with the substrates) limitations, easy sample preparation for 
characterisation studies and are well dispersed in solution (Zhang et al., 2010b). Over 
the past decade research on two-dimensional nanomaterials (2D NMs) has increased 
significantly, with graphene and graphene oxides (GO) used as enzyme immobilisation 
supports since 2010. The use of 2D NMs represents an emerging field of research with 
exciting possibilities for providing both a fundamental understanding of 
immobilisation mechanisms and applied outcomes. Graphene derivatives are attractive 
because of their easy synthesis at laboratory-scale, tuneable surface chemistry, low 
cost and ability to building multi-layered structures for enzyme storage (Nicolosi et 
al., 2013, Chimene et al., 2015, Li et al., 2008, Mathesh et al., 2016). Also, 2D NMs 
can retain water adlayers in their surface which may help with the catalytic activity of 
the bound enzyme (Acik et al., 2010, Halling, 2004). Nano-supports are also suitable 
for studying bound lipase topology using atomic force microscopy (He et al., 2015). 
Nano-supports used for studying the activity and stability of commercial lipases 
includes: as silica (Cruz et al., 2010), tin-oxide (Guncheva et al., 2011), magnetic 
Fe3O4 (Guncheva et al., 2011), multi-walled carbon nano-tubes (Bai et al., 2012) and 




(lipase B), Thermomyces lanuginosa and Penicillium camemberti are most commonly 
studied.  
Currently, graphene-based materials are the only 2D NM supports used for lipase 
immobilisation studies, with no work performed using other 2D NMs, such as boron 
nitride, synthetic silicate clays, layered double hydroxides, transition metal 
dichalcogenides and transition metal oxides. These graphene-based materials cannot 
be produced in industrially relevant quantities for the immobilisation of biocatalysts. 
However, they provide a useful tool for the study of immobilisation mechanisms at a 
fundamental level. In the future, as new techniques are developed for the controlled 
production of graphene, these materials may provide attractive alternatives to 
traditional supports for industrial use. For now, graphene-based 2D NMs allow us to 
obtain fundamental mechanistic information that can inform the design of next-
generation nano- and macro-materials for use in enzyme immobilisation at both 
research and industrial scales.  
 
1.8 Properties of graphene and graphene derivatives 
Graphene and its derivatives possess a number of properties, such as high surface area, 
magnetism and conductivity (Ahmad and Sardar, 2015), which make them suitable for 
use in enzyme immobilisation studies. High surface area is important for any 
immobilisation support as it allows for improved loading capacity. Traditional 
materials achieve high surface areas by using microbeads with very high surface to 
volume ratios, or highly porous macro resins. The very high specific surface areas of 
graphene (experimentally calculated at 700 – 1100 m2 g-1) (Lau et al., 2014, Zhou et 
al., 2014) and its derivatives means that 2D NMs could provide useful alternatives. To 
fully utilise the benefits of 2D NMs as enzyme immobilisation supports it is crucial 
that their surface properties and architecture are understood at the nano level. Further 
to this, understanding how different fabrication methodologies and modifications to 
the surface chemistry affect the materials are key to their use. The following sections 
briefly highlight some of the fabrication techniques used to synthesise graphene and 
derivatives, as well as properties that make them highly useful supports for 





1.8.1 Fabrication of graphene and derivatives 
Different methods of graphene synthesis and manipulation of surface chemistry can 
be used to control the functionality of enzymes subsequently bound to the 2D surface. 
The most commonly used methods for synthesis are mechanical exfoliation, chemical 
vapour deposition (CVD), spin coating and liquid exfoliation. All of these methods are 
now also used to generate other 2D NMs, such as boron nitride and transition metal 
dichalcogenides (i.e. niobium diselenide and molybdenum disulfide). Detailed reviews 
of the above methodologies have been published previously (Mathesh et al., 2015, Liu 
et al., 2015a). A brief overview of mechanical exfoliation, CVD and spin coating 
methods are described below.  
Mechanical exfoliation involves the extraction of the top layer of a 3D material by 
breaking weak inter-layer bonds, such as π-π stacking. A well-known example is 
Novoselov et al. (2004) used ScotchTM tape to isolate monolayer graphene from 
graphite flakes. The method enables the isolation of 2D NMs in a highly pristine 
(minimal defects) and stable form, but on a very small scale. CVD is an alternative 
approach to producing monolayer 2D NMs (Li et al., 2009), that involves the use of a 
scaffold on which the 2D NMs are grown. After synthesis, the scaffold is separated 
from the 2D NM via evaporation at ~1100 °C. The surface of the scaffold needs to be 
very different from that of the 2D NM for separation to occur. For example, stainless 
steel is used as a scaffold for growing monolayer graphene sheets and other 2D NMs 
(Li et al., 2009, Kim et al., 2011, Novoselov and Neto, 2012). The method has 
disadvantages, particularly the requirement for high temperatures and the use of 
explosive gases as carbon feedstocks, as well as the difficulty of separating the 2D NM 
from the scaffold. Spin coating is used to synthesise layers of 2D NMs from their 
respective precursors. For the production of graphene, polystyrene is used as a 
precursor, which is deposited onto a nickel substrate and heated in an argon 
atmosphere (Suzuki et al., 2011). Even though the spin coating method is simple, there 
are disadvantages in the requirement for high temperatures (~800 – 1000 °C) to 
produce 2D NMs. These three methods only yield small quantities of graphene and as 
such are not widely utilised in biocatalysis studies using 2D NMs, with the exception 
of biosensor development. 
Liquid exfoliation is the most commonly applied method for larger scale production. 




crystalline state as the methods outlined above. In a comprehensive review on the 
exfoliation of 2D NMs in liquids, Nicolosi et al. (2013) described the four techniques 
currently used to synthesise/isolate 2D NMs by liquid exfoliation: oxidation followed 
by dispersion, intercalation, ultrasonication and ion exchange. The oxidation strategy 
uses concentrated acids to oxidise the surface of the 3D counterpart of the desired 2D 
NM, causing both exfoliation and modification of the surface with oxygen functional 
groups. The oxidised surface is then reduced to near-pristine 2D NMs in a colloidal 
form using a suitable reducing agent, such as hydrazine, sodium borohydride or L-
ascorbic acid (L-AA). The oxidation followed by dispersion approach is widely 
applied for producing GO and chemically reduced graphene oxides (CRGOs) (Zhang 
et al., 2010a, Hummers and Offema, 1958). The other approaches require breaking the 
bonds between the interlayers of graphite. Intercalation uses ionic species, for example 
sodium dodecyl benzene sulphonate, n-butyllithium or iodine monobromide, which 
form inclusion complexes between the exfoliated graphene sheets to reduce their 
interlayer binding energy (Lotya et al., 2009, Shih et al., 2011, Eda et al., 2011, Joensen 
et al., 1986). Further treatment with sonication or thermal shock results in highly 
exfoliated sheets of graphene that are 1-3 layers thick. The major disadvantage of this 
method is that it is highly sensitive to any change in ambient conditions with respect 
to temperature and pH.  
The use of ultrasonic waves to exfoliate 2D NMs in solvents is a strategy that has 
become more common in recent times (Hernandez et al., 2008). These waves create 
cavitation bubbles between the interlayers and weaken van der Waals interactions 
between them. The surface energy of the solvent needs to be greater or equal to that of 
the 2D NM’s interlayer energy forces (Hernandez et al., 2008). This results in a simple 
exfoliation protocol for the production of 2D NMs from their source. Solvents such as 
N-methyl-pyrrolidone and dimethylformamide have been used for the exfoliation of 
graphene (Coleman, 2013, Coleman et al., 2011, Zhi et al., 2009). Ion exchange is used 
in conjunction with ultrasonication to produce other 2D NMs, such as layered double 
hydroxides (brucite), clays (vermiculite) and metal oxides (titanium dioxide) (Tanaka 
et al., 2003, Ma and Sasaki, 2010). This method uses counterions which replace the 
interlayer ions, causing electrostatic repulsions which result in expansion of the 
interlayer space. Subsequent ultrasonication then completes the exfoliation process. 
Examples of counterions used include dodecyl sulphates to replace interlayer cations 




(Luckham and Rossi, 1999), and tetrabutylammonium displacing anions in metal 
oxides (Tanaka et al., 2003). 
Among all 2D NMs graphene and its derivatives are the most commonly used as 
supports for enzyme immobilisation studies. Graphene and derivatives produced using 
the above methods can be used directly as supports for enzyme immobilisation or can 
be further modified by tuning their surface chemistry. These properties and 
functionalisation will be discussed below.  
 
1.8.2 Properties of graphene and derivatives 
Novoselov et al. (2004) demonstrated that the mechanical exfoliation of graphite 
yielded pristine graphene and that a monolayer of graphene is atomically thin with 
hexagonally arranged sp2 hybridised carbon atoms. The presence of sp2 domains adds 
hydrophobicity to graphene with a water contact angle in the order of 90 – 100° 
(Taherian et al., 2013). The graphene surface can be tuned with concentrated acids to 
modify the level of oxidation. This allows the synthesis of graphite oxide, which is 
known as graphene oxide (GO). There are several different methods for oxidising the 
surface of graphene, the most commonly used are the Brodie’s, Staudenmaier, and 
Hummer-Offeman methods (Hummers and Offema, 1958, Staudenmaier, 1898, 
Brodie, 1859). Each of these methods has its pros and cons, as discussed by Boehm 
and Scholz (1966). They found that the Brodie’s method produced the most stable and 
pure forms of GO. They also noted that compared to the other approaches, the 
Hummer-Offeman method gave the lowest carbon:oxygen (C/O) ratio, resulting in a 
high degree of oxidation on the GO surface. As a result of the surface oxidation, the 
GO contains functional groups such as epoxy (C-O-C), hydroxyl (-OH), carboxyl (-
COOH) and carbonyl groups (C-O), as shown in Figure 1.8.2.1 (Lerf et al., 1998). The 
oxidised area on the surface of graphene results in sp3 hybridisation of the carbon 
orbitals. The surface functionalisation with oxygen groups shields the hydrophobic 
domains of graphene making the surface more hydrophilic, which is highly useful for 
the physical adsorption of biomolecules (Lerf, 2016). These graphene derivatives can 
be easily dispersed in large quantities in a colloidal form and used for applications, 
such as enzyme immobilisation. Established structural models of graphenes possess 
key surface features that make them useful for enzyme immobilisation such as the 





Figure 1.8.2.1 Structural model of graphene oxide. Adapted from Lerf (1998) Copyright © 
1998 with permission from American Chemical Society. 
 
1.8.2.1 Hexagonal lattice 
Hexagonal lattice in 2D graphene derivatives can be useful for immobilising enzymes, 
as it is favourable for the formation of π-π stacking interactions. Enzymes containing 
numerous aromatic residues can interact with the surface via these interactions. Further 
to this, enzymes can also be functionalised with polycyclic aromatic groups to increase 
the strength of these interactions. Recently, Wang et al. (2015) modified the surface of 
the enzyme catalase and glucose oxidase (GOx) with pyrene and subsequently 
immobilised them on graphene nanodots, as shown in Figure 1.8.2.1. 1. First, 1-ethyl-
3-(3-dimethyl-aminopropyl)carbodiimide hydrochloride (EDC) and N-
hydroxysuccinimide (NHS) were used to functionalise the surface of the enzyme with 
a pyrene hydrocarbon. The pyrene-functionalised enzyme was then incubated with 
graphene nanodots. Due to the presence of similar hexagonal geometries in both the 
modified enzyme and graphene nanodots, the molecules formed a supramolecular 
assembly via π-π stacking, allowing the enzyme to be non-covalently bound to the 






Figure 1.8.2.1.1  Schematic of the immobilisation of pyrene-functionalised enzyme on 
graphene nanodots. (A) Pyrene functionalisation of the enzyme (glucose oxidase/catalase), 
followed by (B) incubation with graphene nanodots encaged in a porous gold electrode where 
immobilisation of the enzymes occur via π-π stacking. Adapted from Wang et al. (2015) 
Copyright 2019 with permission from Elsevier. 
 
1.8.2.2 Hydrophobic domains 
Hydrophobic domains are prominent features on the surface of pristine 2D graphene 
but are partially concealed once the surfaces have been functionalised. This surface 
hydrophobicity enables non-covalent interactions, such as physical adsorption, to 
occur as many enzymes possess hydrophobic domains in their protein structures. Work 
by Zhang et al. (2012) demonstrated the physical adsorption of enzymes onto CRGOs 
via hydrophobic interactions. Firstly, they altered the surface of GO by controlling the 
extent of chemical reduction with L-AA, with longer reduction times increasing 
surface hydrophobicity. Using the CRGOs with varying levels of surface 
hydrophobicity they investigated how this affected enzyme loading. As shown in 
Figure 1.8.2.2.1, horseradish peroxidase (HRP) and oxalate oxidase (OxOx) were 
adsorbed (or loaded) onto the CRGOs, with loading increasing as the surface 
hydrophobicity of CRGOs (-2 < -4 < -12 hours) increased. However, the loading 




OxOx (12 mg mg-1) than HRP (1.3 mg mg-1). Similar techniques have been applied 
across different enzyme classes to immobilise them on 2D graphene oxide supports. 
 
Figure 1.8.2.2.1  Immobilisation of the enzymes horseradish peroxidase (HRP) and 
oxalate oxidase (OxOx) on chemically reduced graphene oxides (CRGOs) of varying 
hydrophobicity. (A) HRP and (B) OxOx loading on graphene oxide (GO) and CRGOs as a 
function of the total amount of enzyme. Weights of GO and CRGOs 1 mg. Adapted from  
Zhang et al. (2012) Copyright (c) 2012 with permission from the WILEY-VCH Verlag GmbH 
& Co. KGaA, Weinheim. 
 
 1.8.2.3 Hydrophilic domains.  
Oxidised graphenes show a high degree of hydrophilicity on their surface due to the 
presence of functional groups (noted in Section 1.8.2). In their colloidal state, 
deprotonation of these functional groups imparts a negative charge onto the graphene, 
which is now known as GO. In this state the nanomaterial remains stable across a wide 
pH range from 2 – 10 (Li et al., 2008). Due to the ability of GO to remain negatively 
charged over a wide range of pH, enzymes that are positively charged can be 
immobilised on GO’s surface via electrostatic interactions. When using the technique 
it is essential that the isoelectric point (pI) of the target enzyme is known, so that the 
pH of the colloidal solution can be controlled and immobilisation on the negatively 
charged GO can proceed.  
Through the examples provided above it can be seen that the surface chemistries of 
2D graphene derivatives, with respect to how they are fabricated, their hexagonal 




immobilisation. Strategies applied in immobilising lipases on 2D graphene derivatives 
are discussed in the following section.  
1.9 Strategies used to immobilise lipase on 2D graphene derivatives 
In the past, a lack of experimental evidence at a molecular level has resulted in 
ambiguity, with our ability to predict the effect of immobilisation on lipases and their 
activity/selectivity towards substrates being relatively poor. A review by Rodrigues et 
al. (2013) highlights some of the factors that can contribute to changes in enzyme 
activity. Factors that affect the activity of bound enzymes include the formation of 
enzyme aggregates, enzyme inhibition, enzyme rigidification, limited substrate 
diffusion, medium partitioning (aqueous and non-aqueous phases) and structural 
alterations (Rodrigues et al., 2013). These factors need to be considered while 
comparing the activity of free and immobilised enzymes, so that observed 
increases/decreases in activity of the immobilised enzyme can be understood. 
Although lipase immobilisation studies using 2D graphene derivatives are limited, the 
use of 2D graphene derivatives as immobilisation supports enables the use of a range 
of analytical techniques, such as AFM, not applicable to studying enzymes bound to 
conventional supports (Hanefeld et al., 2009). The following sections provide further 
detail and examples of the immobilisation of lipases on graphene-based matrices. 
 
1.9.1 Non-covalent immobilisation 
This approach involves binding lipase to the 2D NM through non-covalent 
interactions, such as hydrogen bonding and electrostatic interactions. These are weak 
forces which enable enzymes to bind onto supports. Lipases hydrophobically adsorb 
onto the surface of graphene and GOs, in a process similar to the interfacial activation 
observed with lipid interfaces (Verger, 1997). For hydrophobic adsorption to occur, 
the support material is usually incubated in lipase solution for ~30 – 120 minutes 
(Cunha et al., 2008, Branco et al., 2010). Adsorption requires a suitably strong 
hydrophobic support, which safeguards the lipases from undergoing aggregation, 
degradation and interfacial activation with other hydrophobic surfaces (Spahn and 
Minteer, 2008). Additionally, hydrophobic adsorption may result in improved activity 
against certain lipid substrates due to the enzyme’s structurally open conformation 




of time required. However, sometimes the interaction force between lipase and support 
will be weak. This can lead to enzyme desorption/leaching which lowers reusability 
(Datta et al., 2013). Mathesh et al. (2016) immobilised lipase QLM from Alcaligenes 
sp. on CRGOs with different levels of surface hydrophobicity. They found that the 
surface hydrophobicity of the CRGOs needs to be controlled/optimised to achieve 
interfacially activated lipase (discussed further in Section 1.11).   
 
1.9.2 Covalent immobilisation 
Immobilisation is by covalent bond formation between the lipase and surface 
functional groups, commonly amino, thiol and epoxy groups. The supports are usually 
activated by glutaraldehyde or peptide linkages to which form covalent bonds via 
nucleophilic attack on the primary amines of lipase (Spahn and Minteer, 2008).  
The surface of 2D graphene derivatives can be functionalised with epoxy or carboxyl 
groups. The reactive epoxides can form covalent bonds directly with the enzyme 
through its N-terminal. Alternatively, various combinations of peptides and 
crosslinking agents can be used to attach enzymes through their C-terminal or 
sidechains. Although covalent interaction is very stable and removes the problem of 
enzyme leaching, the site(s) of covalent attachment can have significant effects on 
enzyme structure and activity.  
Lipases from Rhizopus oryzae, Candida rugosa and Penicillium camemberti have been 
covalently immobilised on GO to investigate their tolerance in polar/aprotic and non-
polar solvents, as well as their conversion rate of fatty acids into acylglycerols 
(Hermanová et al., 2016). Hermanová et al. (2016) used glutaraldehyde to crosslink 
lipases with GO prepared by either the Brodie or Staudenmaier method. 
Glutaraldehyde was added at different stages in the immobilisation protocol (to the 
GO dispersion before immobilisation, to non-specifically immobilised enzyme on GO 
and to the GO dispersion simultaneously with the lipase) to investigate how this 
affected the activity and stability of the immobilised enzyme (Hermanová et al., 2016). 
A lipase from Yarrowia lipolytica was covalently immobilised on carboxyl-
functionalised GO. The COOH was functionalised through the addition of EDC and 
NHS, facilitating conjugation and improving the coupling efficiency between the 




covalent immobilisation of lipases and esterases (discussed further in Section 1.10) 
(Pavlidis et al., 2012). 
 
1.10 Modifying lipase structure and function through immobilisation 
on 2D graphene derivatives 
Lipases have been immobilised on graphene and graphene derivatives using both 
covalent and non-covalent approaches. The interaction of lipases, including specific 
residue side chains and the active site, with solid supports is highly dependent on the 
support’s surface chemistry. With this in mind, the surface properties of 
graphene/graphene derivatives can be changed to modify and potentially control the 
activity of lipases. Below are examples of work that immobilised lipases on 2D 
graphene supports, and how this can contribute to the modification of enzyme structure 
and function, are presented. 
Pavlidis et al. (2012) immobilised a range of lipases and esterases onto GO, both 
covalently and non-covalently, to assess the effect of different immobilisation methods 
on catalytic behaviour. In most instances, the enzyme bound non-covalently performed 
esterification (lipase) and transesterification (esterase) at a higher rate than the 
covalently bound. However, lipase from Candida rugosa and esterase from 
Geobacillus thermoleovorans were more active when covalently immobilised. In 
addition, covalently bound lipase B from Candida antartica was shown to retain more 
activity after multiple reaction cycles. A correlation was also seen between enzyme 
secondary structures (α-helical content) and catalytic activity, with higher activities 
associated with greater percentage of α-helix, was only active when non-covalently 
bound to GO, showing no activity when covalently bound. These studies highlight the 
complexity of understanding how to control these processes and that successful 
immobilisation relies not only on the properties of the nanomaterial or the 
immobilisation procedure but also on the specific properties of different lipases 
themselves (Pavlidis et al., 2012).  
As discussed in Section 1.1 and 1.9.1, lipases undergo interfacial activation in the 
vicinity of hydrophobic interfaces. As such, GO/CRGOs can be used to physically 
adsorb lipases. Lipase activity can be partially controlled or modified by immobilising 




lipase QLM (Acaligenes sp.) on CRGOs of varying hydrophobicities was reacted with 
lipid substrates (canola oil and p-nitrophenyl palmitate). The activity increased as 
surface hydrophobicity was increased to a point (CRGO reduced for 4 h), before 
decreasing with more hydrophobic surfaces. Molecular dynamic simulation studies, 
showed a detailed interaction of lipase QLM on the hydrophilic (GO), partially 
hydrophilic (GO/GR1), partially hydrophobic (GO/GR2) and hydrophobic (GR) 
surfaces (Figure 1.10.1). It was observed that the lipase lid interacted with the 
hydrophobic domain on all surfaces. With GO the hydrophobic lid was pinned 
(attached), and little mobility was observed on the surface. But as the surface 
hydrophobicity increased the lipase showed more mobility due to increased 
hydrophobic interaction. The lipase interacted with hydrophilic or partially 
hydrophobic (GO/GR1/GR2) surfaces, i.e. it adsorbed either on edge or moved to 
hydrophobic domains before completely binding with the surface (Figure1.10.1). CD 
and ATR-FTIR spectroscopy showed changes in secondary structure with a transition 
from α-helix to β-sheet as the surface hydrophobicity increased (Mathesh et al., 2016). 
Unlike the study by Pavlidis et al. (2012), this work showed that the decrease in α-
helix could result in an increase in activity and further emphasises how specific 








Figure 1.10.1 Conformational and energetic changes of the lipase QLM (from Alcaligenes 
sp.) upon interaction with graphitic nanosheets. (A) Final conformation of QLM on the GO 
nanosheet. (B and C) Final conformations of QLM on the GO/GR1 and GO/GR2 nanosheets, 
respectively. (D) Final conformation of QLM on the GR nanosheets. (E) Angles between the 
lipase lid and support surface after QLM adsorption onto different nanosheets. (F) Time-
dependent interaction energies between QLM and the graphitic nanosheets (yellow, GO; 
green, GO/GR1; blue, GO/GR2; black, GR). (G) Proposed mechanism for the enhanced 
activity of QLM on a hydrophobic support: adsorption facilitates side-on substrate access to 
the QLM active site. The active site inside the QLM (transparent and cyan) is dipicted as red 
dot. Adapted from Mathesh et al. (2016) Copyright © 2016 with permission from American 
Chemical Society. 
 
In an attempt to improve the activity, selectivity and stability of lipases, the surface 
chemistry of graphene can be modified with suitable functional groups. However, 




from Yarrowia lipolytica was covalently immobilised on carboxyl-functionalised GO 
(Li et al., 2013). Hydrolysis of olive oil at 40 °C showed that the immobilised lipase 
retained 80% activity in aqueous media compared to the free lipase. This decrease in 
activity was attributed to change in the secondary structure of the bound enzyme, with 
73.6% α-helix content retained relative to the free enzyme. In non-aqueous conditions, 
the activity of the immobilised lipase was found to be higher. The enantiomeric 
resolution of (R,S)-1-phenylethanol by both immobilised and free lipase was 
compared in heptane, with (R)-1-phenylethanol converted into (R)-1-phenylethyl 
acetate when reacted with vinyl acetate, while (S)-1-phenylethanol is unchanged. The 
catalytic efficiency (kcat/km) of the immobilised lipase to resolve the racemic mixture 
was 1.6-fold higher than that of the free lipase. This work demonstrates that 
immobilisation of lipase on GO can improve the specificity and catalytic rate at which 
the enzyme carries out reactions. Hermanová et al. (2016) investigated the effect of 
non-covalently and covalently binding lipases from Rhizopus oryzae, Candida rugosa 
and Penicillium camemberti to GO, to assess the enzyme activity and stability in a 
range of solvents. They found that of the three lipases the enzyme from R. oryzae was 
the most active in performing the esterification of acylglycerols of a range of fatty acid 
chain lengths. R. oryzae lipase retained the highest activity of the three lipases when 
tested in different solvent types, displaying the highest selectivity in polar aprotic 
(acetone) and protic (isopropanol) solvents. Other work by the group using R. oryzae 
lipase demonstrated improved thermal and solvent stability of the enzyme when 
immobilised on GO (Hermanová et al., 2015). Importantly they showed that the 
methods by which GO are prepared (Brodie or Satudenmaier methods) and the order 
of steps in the immobilisation protocol (i.e. when/if glutaraldehyde is added) influence 
the activity and stability of the bound enzyme. They determined that for applications 
in organic solvents, simple physical adsorption was the optimal procedure. A summary 
of lipase properties that have been modified by immobilisation on 2D graphene 





Table 1.10.1 Summary of lipases with properties modified by immobilisation on 2D graphene derivatives  
   Enzyme property reported being modified 
Lipase 2D NM  Activity Stability Selectivity Structure Ref 
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A range of immobilisation strategies have been applied to bind lipases to GO/CRGOs 
surfaces to study and modify their catalytic properties. While publications 
demonstrating some of these strategies have been mentioned here, the field is in its 
infancy and there is still much to be investigated. Relatively few studies have 
investigated how specific surface properties of GO/CRGOs affect enzyme-support 
interactions and the effects that these have on catalysis. This is further complicated by 
active site topologies and conformations differing significantly between lipases, and 
that their respective interactions with GO/CRGOs are as yet unpredictable. This 
variability between lipases leads to difficulty in making generalisations about how 
surface properties will modify the activity of a specific enzyme.  
In this research project, the focus is on the hydrophobic immobilisation of lipases on 
GO/CRGOs, as to date a limited number of studies using this immobilisation strategy 
have been reported. The technique is simple and if fully understood will provide great 
scope in future lipase immobilisation studies on hydrophobic supports. Our group has 
previously demonstrated the hydrophobic immobilisation of lipases on GO/CRGOs to 
modify enzyme activity (Mathesh et al., 2016). Here, further investigation is 
undertaken to determine the effect of support hydrophobicity on lipase 
activity/selectivity. It will provide a more detailed understanding of the immobilisation 
of lipases on GO/CRGO supports. 
 
1.11 Research objectives 
Immobilisation on GO and CRGOs can aid the determination of lipase mechanisms 
since they are more readily studied in solution than macrosupports. Therefore, GO and 
CRGOs are useful model supports to explore the use of immobilisation as a method 
for controlling the activity and selectivity of lipases. This research aims to use 
GO/CRGOs as model supports to investigate the following research question. 
“Can lipase activity and selectivity be controlled using immobilisation 
strategies?” 
Project Aims 
1. To investigate whether GO and CRGOs are useful model supports for controlling 




2. To synthesise and quantify the degree of reduction on GO using non-destructive 
techniques through chemometric analysis. 
3. To study the effect of detergent in modifying immobilised lipase activity and 
selectivity. 
4. To investigate the effect of surface hydrophobicity on the structure of dimeric 











All chemicals were of analytical grade unless otherwise specified.  
Cupric sulphate pentahydrate, Folin & Ciocalteu’s phenol reagent, graphite (flakes < 
45μm), gum arabic, hydrazine hydrate, L-ascorbic acid, para-nitrophenol (pNP), p-
nitrophenyl acetate (C2), p-nitrophenyl butyrate (C4), p-nitophenyl decanoate (C10), 
p-nitrophenyl dodecanoate (C12), p-nitrophenyl myristate (C14), p-nitrophenyl 
palmitate (C16), p-nitrophenyl stearate (C18), sodium hydroxide (NaOH), sodium 
carbonate, sodium dodecyl sulphate (SDS), sodium potassium tartrate, sodium 
phosphate monobasic monohydrate, sodium phosphate dibasic heptahydrate, 
triethylamine, tris (hydroxymethyl) aminomethane (Tris) base (Sigma Aldrich, St. 
Louis, MO, USA) 
Hydrochloric acid (HCl, 32% v/v), sulphuric acid (H2SO4, 98% v/v) (RCI Labscan 
Limited, Bangkok, Thailand) 
Bio-SafeTM Coomassie stain, dithiothreitol (DDT), Silver stain plus kit (Bio-Rad, 
Hercules, CA, USA) 
Hydrogen peroxide (H2O2, 30% v/v), potassium permanganate, sodium chloride 
(NaCl), dimethyl sulfoxide (DMSO), isopropanol (Chem-Supply, NSW, Australia) 
Ammonia solution (25%, v/v) and silica gel 60 (70-230 mesh ASTM) (Scharlab S.L, 
Barcelona, Spain) 
4-Hydroxy-N-propyl-1,8-naphthalimide (NAP), 4-Hydroxy-N-propyl-1,8-




4-hydroxy-N-propyl-1,8-naphthalimide palmitate (C16) synthesised in-house 
(Deakin University, VIC, Australia) 
2.0.2 Proteins, standards and consumables 
Bovine serum albumin (BSA) and lipase from Rhizomucor miehei (RML) from Sigma 
Aldrich, St Louis, MO, USA. Lipase from Alcaligenes species (QLM) from Meito 
Sangyo Co. Ltd. Japan. Lipase from Thermomyces lanuginosus (TL) was obtained 
from Novozymes, Bagsvaerd, Denmark. AmershamTM ECLTM RainbowTM marker full 
range (GE Healthcare Life Science, Sofia, Bulgaria) 
Macro-prep® diethylaminoethyl (DEAE) ion exchange resin, 12% Mini-Protean® 
TGXTM Precast Protein Gels (Bio-Rad, Hercules, CA, USA) 
Sephadex G-75 superfine resin (GE Healthcare Bio-Science AB, Uppsala, Sweden) 
Superdex® 200 Increase 10/300 GL (GE Healthcare Bio-Science AB, Uppsala, 
Sweden) 
 
2.0.3 Reagents and buffers  
Lipase activity assay buffers: pNP and NAP assay  
- 20 mM Tris-HCl pH 8.0 
- 0.01% gum arabic 
Lipase immobilisation buffer  
- 10 mM PBS pH 7.2 
Lowry Reagent A 
- 25 g sodium carbonate 
- 5 g NaOH 
- 250 mL Milli-Q H2O 
Lowry Reagent B 
- 0.2 g cupric sulphate (pentahydrate) 
- 20 mL Milli-Q H2O 
Lowry Reagent C 
- 0.4 g sodium potassium tartrate 




Anion exchange chromatography buffer A 
- 20 mM Tris-HCl pH 8.0 
- 20 mM NaCl 
 Anion exchange chromatography buffer B 
- 20 mM Tris-HCl pH 8.0 
- 500 mM NaCl 
Size exclusion chromatography buffer 
Buffer composition 1 
- 20 mM Tris-HCl pH 8.0 
- 150 mM NaCl 
Sodium dodecyl sulphate-polyacrylamide gel electrophoresis (SDS-PAGE) buffers  
SDS-PAGE running buffer (10X) 
- 250 mM Tris base 
- 1.92 M glycine 
- 1% SDS (w/v) 
SDS-PAGE sample buffer (2X) 
- 62.5 mM Tris-HCl 
- 2% SDS (w/v) 
- 25% Glycerol (w/v) 
- 0.01% bromophenol blue (w/v) 
- 120 mM DDT 
 
2.1 Methods 
2.1.1 Synthesis of graphene oxide  
Graphene oxide (GO) was synthesised in solution using a modified Hummer’s method 
(Hummers and Offeman, 1958). Graphite flakes (2 g) were dispersed in 12 mL of 
sulphuric acid and heated at 80°C for 4.5 h. The mixture was cooled by stirring at room 




graphite flakes) for 5 h in an ultrasonic bath (GRANXUBA3, VWR Industries). This 
solution was added to 500 mL of Milli-Q H2O and left to settle for 12 h. The pre-
oxidised graphite flakes were filtered through a 25 mm IsoporeTM membrane filter 
(Merck Pty Ltd, Bayswater, Australia) with a 0.2 μm pore size and dried in a hot air 
oven at 70°C. The dried flakes were dispersed in 120 mL of sulphuric acid, forming 
thin graphite oxide sheets. To this 15 g of potassium permanganate was slowly added 
and the solution was stirred for 2 h at room temperature (~20 °C), until the colour of 
the solution changed to dark green. This mixture was added to 250 mL Milli-Q H2O 
and stirred for 2 h before adding a further 700 mL of Milli-Q H2O. A 20 mL aliquot 
of hydrogen peroxide (30% v/v) was then added and the mixture allowed to settle for 
12 h. The resulting graphene oxide was divided into 15 mL batches and centrifuged at 
12,000 rpm (Eppendorf 5810 R, F-34-6-38 rotors) for 15 min. The liquid fraction was 
discarded and the pellet retained. Pellets were washed with Milli-Q H2O and 
repeatedly centrifuged until thin GO sheets remained dispersed in the liquid fraction. 
The GO sheets were collected as an aqueous dispersion in Milli-Q H2O. Aliquots (1 
mL) were dried at 60°C in an oven and the weight of the dried material was quantified 
to determine the weight of GO in solution. After quantification the concentration of 
GO was adjusted to 2 mg mL-1 by addition of Milli-Q H2O. 
 
2.1.2 Synthesis of chemically reduced graphene oxides 
Chemically reduced graphene oxides (CRGOs) were synthesised by reducing aqueous 
dispersions of GO using the L-ascorbic acid (L-AA) method developed by Zhang et 
al. (2010a). Reduction was initiated by adding 200 mg of L-AA into 20 mL GO 
solutions (1 mg mL-1) in a 50 mL Schott bottle. The solution was stirred at 300 rpm at 
~22°C, with reduction allowed to proceed for different lengths of time (2, 4, 6, 8, 12, 
24 and 48 h). CRGO samples were subsequently pelleted by centrifugation at 12,000 
rpm (Eppendorf 5810 R, F-34-6-38 rotor) for 10 min and washed repeatedly with 
Milli-Q H2O to remove excess L-AA. Lastly, the synthesised CRGO pellets were 






2.1.3 Characterisation of graphene oxide and chemically reduced graphene 
oxides 
The reduction level of the synthesised GO and CRGOs was characterised using 
elemental analysis, contact angle and various spectroscopic techniques, which are 
described below. 
 
2.1.3.1 Elemental analysis 
Elemental analyses were carried out by the Campbell Microanalytical Laboratory 
(Department of Chemistry, University of Otago, New Zealand). Prior to analysis, dried 
samples were prepared from a 10 mL solution of GO/CRGO in Milli-Q H2O (2 mg 
mL-1). The solutions were frozen at -80°C for 12 h and then freeze dried in a Christ 
Alpha 1-4 LD PLUS (John Morris Scientific Pty Ltd, Chatswood, Australia) for 8 – 
12 h at -25°C under 0.01 mbar vacuum. The carbon (C), hydrogen (H) and nitrogen 
(N) contents was determined by elemental analysis of 5 mg of each freeze-dried 
GO/CRGO sample. The percentage of oxygen (O) was determined theoretically by 
mass balance i.e. % O = 100 - [% C + % H+ % N]. 
 
2.1.3.2 Contact angle measurements 
Aliquots (2 mL) of GO/CRGO solution (2mg mL-1) were filtered through an Isopore 
filter membrane (0.2 μm pore size, 25 mm width, Merck Pty Ltd, Bayswater, Australia) 
by vacuum filtration. The wettability of these films was measured in a CAM 101 
Optical contact angle meter (KSV Instruments Ltd, Finland) using the sessile droplet 
method, in which a 10 μL water droplet was placed directly on the surface of the 
sample with MilliQ-H2O. Contact angle was measured at five random positions on the 
GO/CRGO films and the mean of these values reported.  
 
2.1.3.3 UV-Vis spectroscopy 
Absorbance spectra were measured from 200 – 700 nm using a Varian Cary 300 




min-1. Solutions of GO/CRGOs in Milli-Q H2O were presented in a quartz cuvette at 
a concentration of 67 μg mL-1. This concentration keeps absorbance <1 and provides 
UV spectra for GO/CRGOs with little noise.  
 
2.1.3.4 Raman spectroscopy 
Raman spectra of freeze-dried GO and CRGO samples were acquired using a 
Reinshaw InViaTM microspectrometer (Reinshaw plc, Gloucestershire, UK) equipped 
with a 50x objective lens and charge-coupled device (CCD) detector. Spectra were 
acquired using a 180° backscattering geometry. Incident radiation was supplied by an 
argon ion laser, emitting at 514 nm, with a power of 2.5 – 5.0 mW and a laser spot size 
of 1.5 μm. Each spectrum was calculated as the average of five 2 s acquisitions, which 
recorded stokes scattered light intensity from 900 – 2000 cm-1 with a spectral 
resolution of 4 cm-1. Five spectra were acquired from different locations for each 
sample and averaged to produce the final spectrum. The laser was manually focussed 
on the sample surface before acquisition. 
 
2.1.3.5 Attenuated total reflectance-Fourier transform infrared (ATR-FTIR) 
analysis 
Infrared spectra were acquired from 4000 – 600 cm-1 using a Bruker Alpha ATR-FTIR 
spectrometer (Bruker Optik GmbH, Ettlingen, Germany) equipped with a single 
reflection diamond crystal and a deuterated triglycine detector. Each spectrum was the 
average of 512 scans with a spectral resolution of 4 cm-1. GO and CRGO samples (2 
mg mL-1 solutions in Milli-Q H2O) were drop cast directly onto the ATR crystal and 
allowed to dry into thin films prior to spectral acquisition. 
 
2.1.3.6 Chemometric analysis 
Chemometric processing and analysis of data sets was performed using The 
Unscrambler® X software, version 10.3 (CAMO software). UV-vis spectra were 
reduced to the region from 200 – 400 nm and their intensity was normalised using a 




Savitzky-Golay, 2nd order derivative transformation (2nd order polynomial, 30-point 
symmetric kernel) and the spectral range from 1730 – 1180 cm-1 was then normalised 
using a SNV transformation. IR spectra were subjected to a Savitzky-Golay, 2nd order 
derivative transformation (2nd order polynomial order, 30-point symmetric kernel) and 
the spectral ranges from 3050 – 2700 cm-1 and 1900 – 800 cm-1 were normalised using 
a SNV transformation. Pre-processed spectra from these three spectroscopic methods 
were related to the C:O ratio of the GO and CRGO sample sets using partial least 
square regression (PLS-R) and the non-iterative partial least squares (NIPALS) 
algorithms. Models were validated using full, “leave-one-out” cross validation. 
 
2.1.4 Lipase immobilisation 
Lipases from Alcaligenes species (QLM) and Thermomyces lanuginosus (TL) were 
added to 10 mM PBS buffer pH 7.2 to a final concentration of 0.6 mg mL-1. Prior to 
immobilisation, GO/CRGOs were pelleted in a 2 mL Eppendorf tube by centrifugation 
of GO/CRGO solutions (2 mg mL-1) at 12,000 rpm for 15 min and the supernatant was 
decanted. Immobilisation was carried out by adding the lipase solution into the 
GO/CRGO pellets (2 mg) and resuspending the pellet by agitation with a pipette. The 
immobilisation mixture was then mixed using a magnetic stirrer bead in a 3 mL glass 
vial for 2 h at 4°C. Following this the mixture was centrifuged at 12,000 rpm for 10 
min to pellet the immobilised lipase. The pellet was retained and washed three times 
with 10 mM PBS buffer pH 7.2 to remove residual unbound lipase. The amount of 
lipase immobilised on the GO/CRGOs was determined by measuring the unbound 
protein fraction (solution above the pellet) and wash supernatants, then subtracting 
these from the starting protein (lipase) concentration. The immobilisation was 
performed each time prior to measuring activity and carrying out structural 
characterisation.  
 
2.1.5 Lowry protein estimation method 
The protein concentration of various samples and supernatants was determined using 
the Lowry method (Lowry et al., 1951) with modifications. A standard curve was 




0 – 500 μg mL-1, from which the concentration of unknown samples was quantified. 
The reagents ‘combined protein reagent’ (CPR) and ‘Folin-phenol’ solution (FPS) 
which were prepared fresh before carrying out the assay. CPR reagent contains Lowry 
reagents A, B and C (described in section 2.0.3) at a ratio of 20:1:1 (v/v/v), while FPS 
is Folin-Ciocalteu’s phenol reagent in MilliQ-H2O at a ratio of 1:9 (v/v). Aliquots (100 
μL) of all unknown samples and protein standards were added to 1.5 mL of CPR 
reagent and incubated for 15 min at room temperature (20 °C). This was followed by 
addition of 3 mL FPS and incubation for a further 45 min at room temperature (20 °C). 
The absorbance of each sample was measured at 540 nm in a Varian Cary 300 
spectrophotometer (Agilent Technologies, Santa Clara, CA, USA).   
 
2.1.6 p-Nitrophenol activity assay 
Lipase activity was determined spectrophotometrically using p-nitrophenyl (pNP) acyl 
esters in a modified assay based on that described by Winkler and Stuckmann (1979). 
A substrate stock solution was prepared by adding pNP esters to a final concentration 
of 15 mM in isopropanol at 30°C for 5 min. An aliquot of the stock was added to 20 
mM Tris-HCl pH 8.0, 0.01% gum arabic, to a final concentration of 0.25 mM and was 
incubated at 30°C for 20 min prior to use in assays. Each assay was initiated by 
addition of 20 μL of free or immobilised lipase to 2.98 mL of buffered pNP ester 
substrate in the cuvette. The lipase solutions were diluted appropriately to achieve a 
linear rate of hydrolysis over 1 min. The change in absorbance was measured in a 
Varian Cary 300 spectrophotometer (Agilent Technologies, Santa Clara, CA, USA) at 
410 nm. Spontaneous hydrolysis was accounted by subtraction of a no-enzyme control. 













Where U mL-1 or U mg-1 – unit of activity is the μmoles of pNP released per min/ per 
mL or mg of protein, respectively; A410 – change in absorbance at 410 nm; εM – 
molar extinction coefficient (for pH 8, the value is 16,600); Vt – final assay volume in 




Use of this assay for the determination of immobilised lipase activity was modified to 
account for the uptake of released pNP by the GO/CRGO support. Solutions of pNP 
ranging in concentration from 10 – 250 μM were prepared in 20 mM Tris-HCl pH 8.0. 
The absorption intensity of pNP was measured with and without the addition of 20 μL 
of GO/CRGOs (2 mg mL-1) to the pNP standard solutions (final volume 3 mL) under 
assay conditions. The equation obtained from the standard curves was then used to 
correct the actual absorbance intensity of pNP released by hydrolysis with immobilised 
lipase.  
 
2.1.7 4-Hydroxy-N-propyl-1,8-naphthalimide assay 
Lipase activity and selectivity was analysed using fluorogenic 4-hydroxy-N-propyl-
1,8-naphthalimide (NAP) esters as described by Nalder et al. (2016). Three esters of 
NAP-butyrate (C4, short chain), NAP-octanoate (C8, medium chain) and NAP 
palmitate (C16 long chain) were used as substrates. Substrate stock solutions of each 
ester were made to a final concentration of 10 mM in dimethyl sulfoxide (DMSO). 
The esters were solubilised by incubation in a 30°C water bath. For use in assays, an 
aliquot of the stock was added to a final concentration of 50 μM in 20 mM Tris-HCl 
pH 8.0 containing gum arabic (0.01% w/v) to and left to equilibrate for 10 min at 30°C. 
A 20 μL aliquot of free/immobilised lipase was added into the substrate solution to a 
final volume of 3 mL in a cuvette suitable for fluorescence measurement. A no-lipase 
control was used for each ester to account for spontaneous hydrolysis, the control rate 
was subtracted from subsequent assays with that ester. The fluorescence intensity was 
measured in a Cary Eclipse fluorescence spectrophotometer (Agilent Technologies, 
Santa Clara, CA, USA) using excitation and emission wavelengths of 447 and 555 nm, 
respectively. The rate of hydrolysis was calculated in U mL-1 and the specific activity 




















Where U mL-1 or U mg-1 – unit of activity is the μmoles of NAP released per min/ per 
mL or mg of protein, respectively; FI/min – change in fluorescence intensity per 
minute; EC – relative fluorescence intensity (a.u) per μmol of fluorophore (16.91 at 
pH 8.0); Vt – final assay volume in mL; Vs – the amount of lipase in the assay in mL; 
DF – dilution factor of lipase; C – is the concentration of protein (mg mL-1). 
Use of this assay for the determination of immobilised lipase activity was modified to 
account for the uptake of released NAP by the GO/CRGO support. Solutions of NAP 
ranging in concentration from 2 – 10 μM were prepared in 20 mM Tris-HCl pH 8.0. 
The absorption intensity of NAP was measured with and without the addition of 20 μL 
of GO/CRGOs (2 mg mL-1) to the NAP standard solutions (final volume 3 mL) under 
assay conditions. The equation obtained from the standard curves was then used to 
correct the actual absorbance intensity of NAP released by hydrolysis with 
immobilised lipase.  
 
2.1.8 Lipase desorption assay 
The naphthalimide activity assay was used to determine whether immobilised lipase 
was desorbing from GO/CRGOs. The assay was performed as described in section 
2.1.7, with modification to the ester concentration (30 μM). After the assay had 
progressed for 1 min, 1 mL of the reaction mixture was transferred from the cuvette 
into a 1.5 mL Eppendorf tube. The sample was centrifuged at 12,000 rpm for 5 min to 
pellet the immobilised material. From the supernatant a 100 μL aliquot was added to 
a new assay (containing 2.9 mL of substrate solution) and the rate of hydrolysis 
determined. The amount of lipase desorbed was quantified by comparison with 





2.1.9 Analysis NAP ester micelle size  
Micelle size distribution of NAP esters with and without Triton X-100 (TX-100) was 
measured by dynamic light scattering. The analyses were carried out at 30°C in a 
Zetasizer Nano (Model ZEN3600, Malvern Instruments Ltd, UK) equipped with a 4 
mW He-Ne laser (λ=633 nm) in a backscattering detection mode at an angle of 173°. 
Each of the three esters (NAP B, NAP O and NAP P) were made to 50 μM in NAP 
assay buffer (see section 2.1.8) containing TX-100 at concentrations ranging from 0 – 
1% v/v. Prior to analysis, the substrate solutions were incubated for 10 min at 30°C in 
a water bath to equilibrate. A 1 mL aliquot was then transferred into a disposable 
cuvette and placed in the instrument. The samples were measured using the refractive 
indices for protein (1.450) and water (1.330). Each sample was analysed three times 
and repeated. Data processing for monomodal and multimodal distribution of particles 
were analysed using general purpose (normal resolution) and multiple narrow modes 
(high resolution) fit. The average hydrodynamic size (Z average), peak mean size and 
peak mean intensities of size distribution of the substrate emulsion were determined 
for each sample. Curves were plotted using OriginPro 8. 
 
2.1.10 Circular Dichroism  
The secondary structure of lipases (both free and immobilised) were characterised 
using circular dichroism (CD). Solutions containing free or immobilised lipase (~600 
μg mL-1) were diluted 1:4 with 10 mM PBS buffer pH 7.2. A 300 μL aliquot of each 
sample was measured in a rectangular quartz cuvette with a 1 mm path length. 
Analyses were performed using a JASCO J-815 CD spectrophotometer (ATA 
scientific, Australia). The spectra were collected from 260 – 190 nm in a nitrogen 
atmosphere. Each spectrum was acquired at room temperature (20 °C) with the 
following parameters, scan rate of 50 nm/min, 0.1 nm data pitch and an average of 5 
spectral acquisitions.  
 
2.1.11 ATR-FTIR spectroscopy  
ATR-FTIR was used to support changes to lipase secondary structure determined by 
CD. ATR-FTIR spectra were acquired similarly as explained in the section 2.1.3.5. A 




in Milli-Q H2O) were drop cast directly onto the ATR crystal and allowed to dry into 
thin films. The spectra were then collected from 4000 – 600 cm-1 at 512 scans for each 
sample with a spectral resolution of 1 cm-1.  
 
2.1.12 1D SDS-PAGE 
Denaturing, reducing, discontinuous one dimensional (1D) SDS-PAGE was conducted 
according to Laemmli et al (1970) with modifications. All SDS-PAGE analyses were 
performed using 12% acrylamide MiniPROTEAN® TGX precast gels (Bio-Rad, 
CA, USA in a Mini-PROTEAN® Tetra Vertical Electrophoresis Cell (Bio-Rad, CA, 
USA) using a Tris-Glycine buffer system. All protein samples were prepared by 
addition of a 10 μL aliquot into 10 μL 5X sample buffer (Section 2.0.3) and heating at 
90°C for 10 min, before 10 μL was loaded onto the gel. An aliquot (5 μL) of molecular 
weight standard, AmershamTM ECLTM RainbowTM coloured marker (GE Life Science, 
USA), was also loaded onto each gel as a mass reference. Electrophoresis was 
conducted at 200 V for 20-30 min or until the dye (bromophenol blue) front in the 
sample buffer reached the bottom of the gel. After electrophoresis the gel was stained 
using Bio-safe Coomassie stain (Bio-Rad, USA) for 30 min and then destained in 
MilliQ-H2O for 3 hours. Finally, the gels were imaged using a Molecular Imager
® Gel 
DocTM XRS+system (Bio-Rad, USA).  
 
2.1.13 Anion-exchange chromatography 
Anion-exchange chromatography was used to isolate lipases from other protein 
contaminants in the commercial preparations. A Bio-Scale MT5 high-resolution 
chromatography column (Bio-Rad, Australia) was packed with Macro-prep® DEAE 
ion exchange resin (Bio-Rad, CA, USA) and fitted to a BioLogic DuoFlow fast protein 
liquid chromatography (FPLC) column (Bio-Rad, CA, USA). The column was 
equilibrated with buffer A (20 mM Tris-HCl pH 8.0, 20mM NaCl) before 
chromatography was initiated. A 2 mL aliquot of lipase was loaded onto the column 
with buffer A. The bound proteins, including the lipase were then differentially eluted 
using an increasing gradient of buffer B (20 mM Tris-HCl pH 8.0, 500 mM NaCl). 
The fractions of interest were collected and analysed for the presence of lipase using 




2.1.14 Gel permeation chromatography 
Lipase-containing fractions purified by anion-exchange chromatography were further 
separated by gel permeation chromatography to isolate the dimeric and monomeric 
forms of lipase. A Bio-Scale MT20 high-resolution chromatography column (Bio-Rad, 
Australia) was packed with Sephadex G-75 superfine resin (GE Life Science, USA) 
and fitted to a BioLogic DuoFlow FPLC (Bio-Rad, CA, USA). The column was 
equilibrated with buffer A (20 mM Tris-HCl pH 8.0, 150 mM NaCl). Aliquots of 
purified lipase were then loaded into column using buffer A. Fractions (1 mL) were 
collected and characterised using SDS-PAGE and pNP activity assays. 
Also, prepacked commercial Superdex® 200 increase 10/300 GL column (GE 
Healthcare, USA) was also used to isolate dimer and monomer forms of lipase. The 
column was fitted to a same BioLogic DuoFlow FPLC, and equilibrated with the 
respected buffer A that was used while separating dimeric and monomeric forms of 
lipase. Aliquots of purified lipase were then loaded into column buffer A. Fractions (1 
mL) were collected and characterised using SDS-PAGE and NAP activity assays. 
 
2.1.15 Ammonium sulphate precipitation 
Ammonium sulphate precipitation was applied to concentrate proteins in dimeric and 
monomeric fractions (1 mL/fractions) collected from Superdex® 200 gel permeation 
chromatography. Ammonium sulphate was weighed so that when added to 1 mL 
solution it will be 70% saturated. The required amount of ammonium sulphate was 
slowly added to each dimeric and monomeric fractions until it was dissolved. The 
fractions were left to incubate for 1 hour at room temperature (20 °C). The fractions 
were centrifuged at 10,000 g at 4 °C to pellet out proteins. The supernatant was 
discarded, and the protein pellets were resuspended by adding 10 μL SDS-PAGE 
sample buffer. Following this, the protein samples were analysed in SDS-PAGE as 
described in Section 2.1.12.  
 
2.1.16 Atomic force microscopy 
The thickness of monomeric and dimeric forms of lipases on a mica or GO/CRGO 




(Bruker Bioscience Corporation, USA). GO and CRGO samples were diluted to 0.2 
mg mL-1, spin coated onto a mica surface and then air dried before scanning. Similarly, 
for lipases the samples were diluted up to 10-5 mol/L in Milli-Q H2O before scanning. 
The samples were scanned in SCANASYST-AIR/SCANASYST-FLUID mode at 512 
scans/lines, with a scan rate of 0.543 Hz and an aspect ratio of 1. All AFM images 
were processed to measure their thickness using cross-section and particle analysis 





Quantifying graphene oxide reduction using 
spectroscopic techniques: A chemometric analysis 
 
The majority of content in this chapter has been published in ‘Applied Spectroscopy’; 
RAMAKRISHNA, T. R. B., KILLEEN, D. P., NALDER, T. D., MARSHALL, S. N., 
YANG, W. & BARROW, C. J. (2018) Quantifying Graphene Oxide Reduction using 
Spectroscopic Techniques: A Chemometric Analysis. Applied Spectroscopy, 72 (12), 
pp. 1764 – 1773. 
 
3.0 Introduction 
Graphene is a 2D NM that can be produced from graphene oxide (GO) using many 
different reducing agents (Furst et al., 1965, Yang et al., 2015, Zhang et al., 2010a). 
One of the cheapest, safest and most readily available for this purpose is L-ascorbic 
acid, a mild reducing agent that reacts with oxygen containing functional groups on 
the surface of graphene oxide sheets (Zhang et al., 2010a). The reaction proceeds 
slowly, in which L-AA is deprotonated to dehydroascorbic acid, releasing two protons 
that react with surface oxygen containing functional groups on GO sheet to form water 
(Zhang et al., 2010a). At the same time, oxalic and glucuronic acids, which form 
spontaneously from dehydroascorbic acid, react with the peripheral oxygen groups, 
e.g. carboxylic acids, which effectively caps them and interrupts π-π interactions 
between GO sheets (Zhang et al., 2010a). This is accompanied by a decrease in sp3 
character and an increase in sp2 “graphene-like” character on the sheets, which 
increases electronic conductivity and surface hydrophobicity (Zhang et al., 2010a). 
The mild reducing conditions associated with L-AA solutions reduces the oxygen 
containing groups on GO in a time-dependent manner (Zhang et al., 2010a, Wang et 
al., 2017, Zhang et al., 2012, Mathesh et al., 2016). Longer reduction times decrease 
the concentration of surface hydroxyl (OH), carbonyl (C=O), epoxy (C-O-C) and 
carboxyl (COOH) groups, which modulates the surface hydrophobicity of the GOs. 




produce chemically reduced graphene oxides (CRGOs) with diverse surface 
chemistries (Zhang et al., 2010a, Liu et al., 2015b, Liu et al., 2016). 
These CRGOs are widely used in the fabrication of energy storage cells (Stoller et al., 
2008, Li et al., 2015), chemical sensors (Ghosh et al., 2013, Zhou et al., 2009), self-
assembled monolayer-based electrodes (Kong et al., 2016) and field effect transistors 
(Joung et al., 2010, Tung et al., 2009). These CRGOs are also useful in the field of 
enzyme immobilisation. Their surface hydrophobicity allows enzymes to adsorb onto 
their surfaces through hydrophobic interactions. Enzymes such as glucose oxidase, 
horseradish peroxidase and lipase have been immobilised successfully on CRGOs with 
varying levels of hydrophobicity (Zhang et al., 2012, Liu et al., 2015b, Mathesh et al., 
2016, Zhao et al., 2014). The resulting activity of the various enzymes is highly 
dependent on the hydrophobicity of the solid phase to which they are bound. It is 
therefore important to characterise and assess the level of hydrophobicity on CRGOs 
before enzyme immobilisation. 
 Currently, many analytical methods have been used to characterise CRGOs including: 
elemental analysis (Moon et al., 2010, Chen et al., 2010, Botas et al., 2012), X-ray 
photoelectron spectroscopy (XPS) (Bae et al., 2010, Yang et al., 2009, Stankovich et 
al., 2007), contact angle measurements (Kozbial et al., 2014, Lee et al., 2013, Rafiee 
et al., 2012), X-ray diffraction (XRD) (Wang et al., 2008, Dikin et al., 2007, Park et 
al., 2011), thermal gravimetric analysis (Marcano et al., 2010, Yang et al., 2010, Gao 
et al., 2013), atomic force microscopy (AFM) (Horcas et al., 2007, Gómez-Navarro et 
al., 2007, Eda et al., 2008), and nuclear magnetic resonance (He et al., 1996, Lerf et 
al., 1997, Casabianca et al., 2010). Chemical methods for characterising CRGOs have 
also been employed, e.g. the use of [(Ru(bpy)3]2+ and pyrene to determine the oxygen 
content (Liu et al., 2015b, Liu et al., 2016). While most of the methods mentioned 
above are able to structurally define the surface properties of GO/CRGOs, there are 
several short comings. First, many of these methods requires instrumentation that is 
not widely available. Secondly, some of these methods, while suitable for showing 
clear differences between large steps in GO reduction (i.e. GO to a fully reduced 
CRGO), lack the sensitivity required to accurately determine small changes in 
reduction.  
In our work we wanted to assess methods that could be performed using widely 




have used a range of methods to characterise the reduction of CRGOs. The wetting 
angle properties of reduced CRGOs was investigated using ‘Contact angle’, as it is the 
most widely applied technique for determining the surface hydrophobicity of 
materials. We also assessed three simple, rapid and non-destructive techniques; UV, 
attenuated total reflectance Fourier transform infrared (ATR-FTIR) and Raman 
spectroscopies. Several reports have demonstrated the potential of these methods for 
characterising CRGOs (Eda et al., 2008, Paredes et al., 2008, Stankovich et al., 2006, 
Li et al., 2008, Si and Samulski, 2008, Eigler and Dimiev, 2016). To our knowledge, 
data from these techniques has not been modelled against reference data to produce 
quantitative chemometric models. In our studies we used elemental analysis as a 
reference method to accurately quantify the mass proportion of C, H, N and O in 
CRGOs that had been reduced over a range of time points (2 – 48 h). Results from the 
analysis were used to model structured variance against spectroscopic data of the 
subsamples of the same CRGO sample set using PLS-R models. 
 
3.1 Elemental analysis of chemically reduced graphene oxides 
GO was synthesised using a modified Hummers method (Hummers and Offeman, 
1958) and reduced to CRGOs using the L-ascorbic acid (L-AA) method (Zhang et al., 
2010a), as described in Sections 2.1.1 and 2.1.2. The mass percentage of carbon (C), 
hydrogen (H), and nitrogen (N) of the CRGO sample set were determined by elemental 
analysis (Section 2.1.3.1). The data set is recorded in Table 3.1.1. These results were 
used to calculate the mass % of O for each sample (Table 3.1.1), which decreased in a 
linear fashion with increased reduction times (r2 = 0.980, up to 24 h) (Figure 3.1.1a). 
After 48 h the relationship deviated from linearity (Figure 3.1.1b) to a polynomial fit, 
indicating that the rate of reduction has changed. The reason for the change in 
reduction rate beyond 24 h is most likely related to the reduced availability of surface 
oxygen groups as the reaction proceeds. During the reduction of GO, the physical state 
of the material gradually changes from being more hydrophilic to hydrophobic (Li et 
al., 2008). This is because the presence of oxygen containing functional groups on GO 
contribute to the hydrophilicity. Chemical reduction exposes carbon atoms on the 
surface, increasing hydrophobicity (Wei et al., 2014, Xiong et al., 2015). Up to and 
including 24 h, the GO sheet remains dispersed, with reduction of surface oxygen 




due to an increase in their surface hydrophobicity, so tend to attract each other. This 
indicates that the reduction is nearing completion, and that most of the oxygen 
containing functional groups have been removed from the surface. It has been 
suggested previously that the solution-based processing methods are not efficient for 
the removal of carboxylic groups at the edges, with groups remaining in extensively 
reduced CRGO samples (Li et al., 2008). Therefore, under the conditions used in this 
work it would appear that the 24 h time point can be used as a threshold for obtaining 
stable CRGO dispersions. Reduction of GO beyond 24 h results in aggregation, 
limiting the rate of L-AA-mediated reduction and resulting in a deviation from the 
linear relationship observed for the less reduced CRGOs. However, applications that 
require highly hydrophobic CRGOs can still be monitored by applying a polynomial 
fit to the reduced GO data (Figure 3.1.1b). A small amount of N, which diminished 
with increasing reduction times, was detected in the samples (Table 3.1.1). The exact 
origin of N is unclear; one possible source is residual potassium permanganate 

















Table 3.1.1 Elemental composition (C, H, N, and O percent mass) of graphene oxide and 
chemically reduced graphene oxides, reduced for 2 – 48 h. 
Sample % C % H % N % O 
C:O ratio 
Graphene oxide A 45.59 2.60 2.01 51.82 
0.88 
Graphene oxide B 45.16 2.36 1.49 52.48 
0.86 
2 h CRGO A 48.17 2.23 <0.3 49.61 
0.97 
2 h CRGO B 48.27 2.66 <0.3 49.08 
0.98 
2 h CRGO C 48.71 2.66 <0.3 48.64 
1.00 
4 h CRGO A 50.33 2.70 1.56 46.98 
1.07 
4 h CRGO B 50.32 2.40 1.51 47.28 
1.06 
4 h CRGO C 49.86 2.32 1.49 47.83 
1.04 
6 h CRGO A 50.98 2.52 1.14 46.51 
1.10 
6 h CRGO B 51.47 1.91 1.13 46.62 
1.10 
6 h CRGO C 51.56 1.91 1.13 46.53 
1.11 
8 h CRGO A 53.46 2.18 0.97 44.37 
1.20 
8 h CRGO B 53.80 1.94 0.94 44.26 
1.22 
8 h CRGO C 54.91 2.45 1.03 42.64 
1.29 
12 h CRGO A 57.03 2.34 0.97 40.64 
1.40 
12 h CRGO B 57.45 1.91 0.90 40.65 
1.41 
12 h CRGO C 58.14 1.87 0.82 40.00 
1.45 
24 h CRGO A 66.09 1.87 <0.3 32.05 
2.06 
24 h CRGO B 65.78 1.70 <0.3 32.53 
2.02 
24 h CRGO C 65.24 1.93 <0.3 32.84 
1.99 
48 h CRGO A 69.96 1.48 <0.3 28.56 
2.45 
48 h CRGO B 75.33 1.36 <0.3 23.32 
3.23 










Figure 3.1.1 Regression of reduction time vs oxygen content of chemically reduced 
graphene oxide samples from (a) 0 ‒ 24 h and (b) 0 ‒ 48 h. The reduction of GO reduced from 
0 – 24 and 0 – 48 h with linear and polynomial fits applied, respectively. 
 
While elemental data can be used to accurately characterise the extent of reduction in 
a CRGO sample set, it requires specialised analytical facilities and results in sample 
destruction. Therefore, we used the elemental data sets as a reference data and 
compared the data obtained from other non-destructive and widely available 






to characterise reduction levels in CRGOs, we used PLSR to assess the merits of these 
methods by modelling their structured variance against variance in C:O ratios 
calculated from elemental analysis. The results from each method are discussed in 
Sections 3.2 – 3.5. Previously, other researchers have applied a chemometric approach 
for modelling data obtained from ATR-FTIR and Raman spectroscopies. For example, 
Hall et al. (2016) and Vongsvivut et al. (2014), (2012) studied the quantitative 
determination of squalene, proteins and fatty acid content in fish oils and demonstrated 
that the combination of spectroscopic data with chemometric models can provide a 
powerful tool for both quantitative and qualitative data analysis. 
 
3.2 Contact angle for determining the extent of reduction in CRGOs 
The surface hydrophobicity of the synthesised GO/CRGOs was measured using 
contact angle. The method measures surface hydrophobicity based on the wetting 
angle created by a water droplet placed on a thin film of the test material. Thin films 
of GO/CRGOs were fabricated (Section 2.1.3.2) and dried under vacuum before 
contact angle measurement. An average of five different measurements on each of the 
GO and CRGOs surfaces were taken. It was expected that the surface hydrophobicity 
of the GO/CRGO samples were directly proportional to their reduction levels. The 
contact angle obtained for GO was 53.36° ± 0.665° while the 48 h CRGO was 89.25° 
± 0.661°. The contact angles of CRGOs reduced between 2 – 24 h fell between these 
measurements, following a non-linear regression trend (Figure 3.2.1). Accurately 
differentiating the wetting angle in highly reduced graphene oxides, especially 
between 6 and 8 h and 24 and 48 h CRGOs was difficult. Previous work using contact 
angle measurements for characterising GO/CRGOs has also highlighted the 
inconsistency of the method (Wei et al., 2014). This is to be expected as the wetting 
angle of graphene derivatives varies significantly depending on the thickness of 
GO/CRGO film used for measurements (Taherian et al., 2013). Inconsistencies may 
also arise from differences in sample preparation with less hydrophobic CRGOs 
having the capacity to adsorb moisture from air, thus ensuring the film is uniformly 
dry is paramount. For this reason, contact angle is not ideal for monitoring the 
reduction of CRGOs, particularly CRGOs that are reduced for short durations. As a 






Figure 3.2.1 Contact angle measurements for graphene oxide reduced for different 
amounts of time. Each data points is an average of five measurements. 
 
3.3 UV-visible spectroscopy for determining extent of reduction in 
chemically reduced graphene oxides 
UV spectroscopic analyses of the CRGO samples were performed as described in 
Section 2.1.3.3 and are presented in Figure. 3.3.1. The spectra generated are consistent 
with UV data from a similar sample set reported by Lai et al. (2012). The UV spectrum 
for the GO sample had a peak maximum at 230 nm and a visible ‘shoulder peak’ at 
300 nm, resulting from π to π* and n to π* transitions, respectively. Comparison of the 
spectra for 12 and 24 h CRGOs, indicate that the UV maximum red shifted to 266 nm 
and the shoulder at the 300 nm became less visible with increase in reduction time 
(Figure 3.3.1). It should be noted that by changing the concentration of L-ascorbic acid 
and/or temperature can alter the rate of reduction. This was attributed to the reduced 
energy of π to π* transitions associated with the increased conjugation on the CRGO 
sheets (Zhang et al., 2010a). A red shift from 230 nm was not clearly identifiable for 





Figure 3.3.1 UV spectra of graphene oxide and graphene oxides, which have been 
chemically reduced by exposure to a solution of 10 mg mL-1 L-ascorbic acid for 2 ‒ 24 h. 
 
In order to better interpret the spectral changes occurring between samples, the UV 
data were modelled against the elemental data set using chemometrics (Section 
2.1.3.6). These dynamic changes in UV absorbance wavelengths and intensities 
confounded linear regression models relating single wavelength intensities to C:O 
ratio reference values. We therefore related these reference values for the full (200 ‒ 
400 nm) intensity-normalised UV spectra of the CRGO sample set using PLS-R. A 
summary of the PLS-R model relating UV spectral variance to C:O ratios is presented 
in Figure 3.3.2. The 48 h point was omitted as it did not fit the model, possibly due to 
the change in the reaction rate for this sample, as discussed above (Figure 3.1. 1). Due 
to the aggregated state, it is possible that the dispersion of the 48 h sample in aqueous 
solution is affected, limiting its characterisation by UV. Calibration and validation 
plots of the PLSR model are shown in Figure 3.3.2a, demonstrating a good fit between 
UV spectral data and C: O ratios (validation r2 = 0.983; root mean square error of 
cross-validation [RMSECV] = 0.049). The loading plot in Figure 3.3.2b shows that the 
model is largely derived from variance in the spectral intensity at 230 and 277 nm, 
which are loaded inversely to one another. These inverse loadings imply that the 
absorbance intensity at 230 nm deceases as chemical reduction proceeds, while the 
absorbance intensity at 277 nm increases. This pattern is consistent with an increase in 




Following the inspection of the loading plot, we assessed the ratio of UV absorbance. 
It was apparent that there was a latent relationship between the band intensities at 230 
nm and 270 nm, and the extent of reduction in the CRGO samples. We attempted to 
correlate the intensity ratios of these wavelengths with the C:O reference data 
determined by elemental analysis, but they were not well correlated. This emphasises 
the usefulness of simultaneously relating all UV spectral intensities to the reference 
data using PLSR. These results demonstrate that PLSR of UV spectra can be used to 
rapidly and accurately characterise the extent of oxidation in CRGO samples. 
However, whilst this analytical technique is feasible for use, the method requires 
samples to be analysed in solution, which is not ideal. A more practical and rapid 
approach would allow analysis directly on dry samples, with IR and Raman 
















Figure 3.3.2 Summary of PLSR model relating C:O ratios of chemically reduced graphene 
oxide samples to UV spectral variance in the range of 200 ‒ 400 nm. The (a) regression plot: 
shows the correlation of C:O ratio of CRGOs (2 – 24 h) obtained from UV spectroscopy (●) 
vs elemental analysis (●). The data shows good linear fit with r2 > 0.9 and low root mean 
square error for calibration (RMSEC) and cross validation (RMSECV) lines, and (b) regression 









3.4 Raman spectroscopy for determining extent of reduction in 
chemically reduced graphene oxides 
Raman spectroscopy was used to follow the reduction of GO (Section 2.1.3.4) by 
analysing the structural disruption in the carbon framework of the CRGOs. The Raman 
spectra of the CRGO sample set presented in Figure 3.4.2a, show two major spectral 
features, been described as the ‘graphitic’ G-band (1600 cm-1) and the ‘defects’ D-
band (1330 cm-1). The G-band derives intensity from C=C double bond stretching 
vibrations and the D-band derives from bending vibrational modes associated with C-
O bending (Zhang et al., 2010a, Stankovich et al., 2007, Bokobza et al., 2014). Any 
change in the intensities of either D or G bands relates to a change in the structure of 
a material. The relative intensity of these bands have been used previously to determine 
the ‘end-point’ of the chemical reduction of graphene oxide (Zhang et al., 2010a, 
Stankovich et al., 2007, Bokobza et al., 2014). 
The intensity of ID/IG ratio was calculated for the synthesised GO and the different 
reduction time of the CRGOs. As seen in Figure 3.4.1, the ID/IG ratio increases as the 
duration of reduction time increases. This is due to the progressive removal of oxygen 
elements, which in turn increases the number of defects incorporated into the carbon 
framework of GO, assuring the restoration of sp3 hybridisation in the carbon network. 
In addition, to the above defects the surface of GO and CRGOs were checked for any 
other defects, such as holes, using AFM. The AFM data showed no holes in the GO 
and CRGO sheets (data not shown). This confirmed that reduction resulted primarily 
in the removal of oxygen-containing elements. After 24 h reduction the ID/IG ratio was 
constant, suggesting surface changes occurring after 24 h were negligible. Alternately 
this suggests that using the ID/IG ratio to characterise the chemical reduction of 
GO/CRGOs lacks sufficient sensitivity over this range. Therefore, here we aim to use 
the band intensities to quantitatively measure the extent of reduction in CRGO samples 
by relating the entire Raman spectra to C:O ratios calculated from elemental analysis 
using PLSR.  
Before modelling, Raman spectra were subjected to pre-processing. The broad spectral 
features, including intensity offset (Figure 3.4.2a), were removed by subjecting each 
spectrum to a second derivative transformation (Figure 3.4.2b). Next, the spectral 




a standard normal variate transformation was performed to normalise absolute spectral 
intensity (Figure 3.4.2d). 
 
Figure 3.4.1 Raman spectroscopy integrated intensity (ID/IG) ratios obtained for graphene 




Figure 3.4.2 Summary of spectral pre-processing of Raman spectra of chemically reduced 











Figure 3.4.3 Summary of PLSR model relating C:O ratios of chemically reduced graphene 
oxide samples to Raman spectral variance in the range of 1750 ‒ 1150 cm-1. The (a) regression 
plots shows the correlation of C:O ratio of CRGOs (2 – 24 h) obtained from Raman 
spectroscopy (●) vs elemental analysis (●). The data shows good linear fit with r2 > 0.9 and 
low root mean square error for calibration (RMSEC) and cross validation (RMSECV) lines, and 
(b) regression coefficient are shown. 
 
A summary of the PLSR model relating Raman spectral variance to C:O ratios of the 






i.e. poor fit, the 48 h time point was omitted from the model. The calibration and 
validation plots of the PLSR model are shown in Figure 3.4.3a, demonstrating a good 
fit between Raman spectral variance and C:O ratios (validation r2 = 0.961; RMSECV = 
0.073). The loading plot (Figure 3.4.3b) demonstrated that the model was largely 
derived from spectral variance related to the G-band at 1600 cm-1. The increased G-
band intensity indicated an increase in the amount of double bonds, relative to C-O 
groups, which is consistent with an increase in π-character as CRGO samples are 
reduced to more closely resemble graphene. The PLSR model based on Raman 
spectral variance performed slightly worse than the UV spectroscopy-derived model, 
but had the added advantage of more straightforward sample presentation. 
 
3.5 Attenuated total reflection infrared spectroscopy for determining 
extent of reduction in chemically reduced graphene oxides 
ATR-FTIR spectra (Figure 3.5.1), ranging from 4000 – 800 cm-1 were measured to 
identify the spectral features related to GO and CRGOs (see Section 2.1.3.5). Based 
on the measurements we found that the complex spectral fingerprint for GO/CRGO 
was in the ~1700–1000 cm-1 range. The intensities of the oxygen functional groups 
were used as a parameter to measure the level of reduction. It was observed that the 
vibrational stretching peaks of C=O at 1726 cm-1, C-O-C at 1223 cm-1 and C-O at 1048 
cm-1 and deformation peaks for –OH at ~3428 and 1407 cm-1, started to decrease in 
intensity as the reduction progressed. Whereas the C=C group at ~1630 cm-1 increased 
on CRGOs due to the reduction beginning to revert GO back to the sp2 hybridisation 
form. This is consistent with previously published ATR-FTIR data on GO/CRGOs 
(Liu et al., 2015b). However, for a number of the CRGO moieties (e.g. the –OH group 
at ~1407 cm-1 and –C-O group at 1048 cm-1) the measured intensities were uneven, 
possibly due to the presence of artefacts, contributed by baseline inconsistencies and 
the amount of sample present on the ATR-FTIR crystal. Therefore Unscrambler® 









Table 3.5.1 Spectral assignment of infrared absorbance bands distinguishing graphene 
oxide (GO) from chemically reduced graphene oxide (CRGO). 
Wavenumber (cm-1) 












ν(C=C) aromatic CRGO 
1628 
ν(C=C) conjugated CRGO 
1670 
ν(C=C) insulated GO 
2700 – 3000 
ν(C-H) GO, CRGO 
                    δ, in-plane bending; ν, stretching. 
 
Before modelling, spectra were subjected to pre-processing. Broad spectral features 
that did not contain molecular vibrational information (Figure 3.5.2a) were removed 
by performing a second derivative transformation of each spectrum (Figure 3.5.2b). 
The spectral ranges of 4000 ‒ 3050 and 800 – 600 cm-1 containing no vibrational bands 
were removed. The spectral range of 2700 ‒ 1900 cm-1 was removed as it contained 
no vibrational information, but contained a spectral artefact caused by the ATR crystal 
(Figure 3.5.2c). Finally, to compensate for inter-sample variability in absolute spectral 
intensity, which is caused by variable contact area between samples and the ATR 
crystal, spectra were normalised using a standard normal variate (SNV) transformation 
(Figure 3.5.2d). These processed spectra were modelled using PLSR analysis. 
A summary of the PLSR model relating ATR-FTIR spectral variance to C:O ratios is 
presented in Figure 3.5.3. The calibration and validation plots (Figure 3.5.3a) 
demonstrated a good correlation between ATR-FTIR spectral variance and C:O ratios 
by elemental analysis (validation r2 = 0.993; RMSECV = 0.032). The regression factor 
loadings (Figure 3.5.3b) were much more complex than those in the UV and Raman 
spectroscopy models, which made them difficult to interpret. However, it was possible 




more reduced CRGO samples were associated with greater peak intensities at 1628, 
1587, and 1223 cm-1, which are consistent with the energies of conjugated C=C 
stretching and aromatic ring stretches, respectively (Table 3.5.1). Infrared absorption 
intensity at 1223 cm-1 was attributed to vinyl C-H bending modes (Table 3.5.1). These 
vibrational modes were all consistent with the increased graphitic character of more 
highly reduced samples. The regression factor loadings associated with more oxidised 
CRGO samples were found at 1670, 1539, 1044, 1015, and 880 cm-1 (Figure 3.5.3b). 
Vibrational intensity at 1670 cm-1 was consistent with the energy of the insulated C=C 
stretching. The other vibrational bands at 880, 1015, and 1044 cm-1 were 
characteristics of bending modes associated with epoxy, anhydride, and hydroxyl 
groups, respectively (Table 3.5.1). These vibrational modes are consistent with 





Figure 3.5.2 Summary of pre-processing of ATR-FTIR spectra of chemically reduced 
graphene oxide samples. Showing (a) raw spectral data, (b) spectra following second 








In summary, regression coefficient loading for the ATR-FTIR PLSR model (Figure 
3.5.3b) describe how increased reduction times caused a decrease in vibrational 
intensity associated with epoxy, anhydride, and hydroxyl groups, and an increase in 
the vibrational intensity associated with conjugated double bonds and phenyl rings. 
These data are consistent with a gradual increase in graphitic character with increased 
exposure to L-AA solutions (Zhang et al., 2010a, Liu et al., 2015b). While a large 
number of previous investigations have used L-AA to reduce graphene oxide, direct 
comparisons of their reduction levels (oxygen concentrations) with those in this study 
are difficult. This is because the procedures used for GO/CRGO synthesis differ in 
reagent concentrations and ratios or reaction conditions to those used here (Zhang et 
al., 2010a, Fernández-Merino et al., 2010, De Silva et al., 2017, Xu et al., 2015). As 
these factors directly affect the rate at which oxygen groups are reduced, the resulting 
concentrations can differ. Further to this, the majority of published works do not 
quantify C:O ratios of GO/CRGOs by elemental analysis. Those that do quantify the 
ratio have used surface elemental analysis techniques, such as XPS or XRD (Mathesh 
et al., 2016, Liu et al., 2015b). With the exception of enzyme-related studies (Zhang 
et al., 2012, Mathesh et al., 2016, Zhao et al., 2014), the reduction times reported in 
the literature are generally for longer durations, many simply comparing GO with 
reduced GO (presumably fully reduced) (Zhang et al., 2010a, Xu et al., 2015).  
While direct comparisons with the data available from the literature may be unclear, 
the approach to quantifying the level of reduction is still effective and to our 
knowledge our study is the first to assess the level of reduction in repeated L-AA 
reductions of GO, over a range of short and long time points. The results from this 
work demonstrate that PLSR of ATR-FTIR spectra can be used to facilitate rapid 
quantitative measurements of the extent of oxidation in GO. The method is simple and 
allows straightforward sample preparation and non-destructive analysis. Furthermore, 
this approach provided insight into the functional groups that were present on the 









Figure 3.5.3 Summary of PLSR model relating C:O ratios of chemically reduced graphene 
oxide samples to IR spectral variance, in the ranges of 3050 ‒ 2700 and 1800 ‒ 800 cm-1. The 
(a) regression plots shows the correlation of C:O ratio of CRGOs (2 – 24 h) obtained from IR 
spectroscopy (●) vs elemental analysis (●). The data shows good linear fit with r2 > 0.9 and 
low root mean square error for calibration (RMSEC) and cross validation (RMSECV) lines, and 








3.6 Summary  
All of the methods described are suitable for rapid, non-destructive quantification of 
the amount of oxygen in GO/CRGO samples. This makes them useful tools for process 
control during CRGO production, especially for applications requiring precise tuning 
of surface hydrophobicity. From this research we determined that contact angle is more 
suitable for characterising CRGOs that have significant differences in their reduction 
level. Spectroscopic techniques seem to be more appropriate for effective monitoring 
of small changes in reduction level in CRGO samples. Ultraviolet, Raman, and ATR-
IR spectroscopy, in conjunction with PLSR and elemental analysis, all produce models 
that were fit for purpose. The spectroscopic methods had different advantages relating 
to sample preparation, speed, and instrument availability. ATR-FTIR analyses offered 
the most detailed insight into the reduction of GO, facilitating detection of diverse 
oxygen-containing groups in the GO/CRGO samples. Our findings have shown that 
while these methods are suitable for following the reduction of GO into CRGOs, the 
processing of these data through chemometric models provides a powerful approach 
and affords more detailed analysis of spectral data derived from these materials. This 
approach was subsequently used to characterise GO and CRGOs for use as model 






Chemically reduced graphene oxides: A tuneable tool 
for investigating the effect of surface hydrophobicity 
on the activity and selectivity of lipase 
 
4.0 Introduction 
Lipases adsorb onto hydrophobic surfaces, a mechanism that can be exploited as a 
means to immobilise these enzymes (Schmid and Verger, 1998). Most commercial 
applications utilising lipases require the enzymes to be immobilised so that they do not 
contaminate the end-products and can be recovered and reused. Immobilisation 
supports are often resins (macro-supports), presented with a range of tailored physical 
properties that can include surface hydrophobicity. Surface groups used for 
functionalising resins for hydrophobic immobilisation include, octyl, cyclic, aromatic 
and long aliphatic groups tethered on agarose by chemical modification with 
glutaraldehyde and glyoxyl groups (Fernandez-Lafuente et al., 1998). Lipases may 
show increased activity when immobilised on these resins. For example, lipase from 
Humicola lanuginosa and Fusarium verticilliodes had 20- and 3-fold increase in their 
activity towards esters, respectively (Bastida et al., 1998, Facchini et al., 2018). 
However, in some cases, immobilisation can lead to negative effects on lipase activity 
and selectivity (Fernandez-Lorente et al., 2008). For example, activity of Candida 
antarctica lipase B immobilised on octyl-agarose slightly improved its activity, while 
immobilisation on hexyl – and butyl Toyopearl™ resin reduced the activity to 50% of 
the activity of the free lipase (Fernandez-Lorente et al., 2008). At present 
understanding of the effect of resin on immobilised lipase structure-function properties 
is limited. However, using nanomaterials for lipase immobilisation can help determine 
the effect of support hydrophobicity on lipase structure-function properties. 
Nanomaterials such as graphene oxide (GO) and chemically reduced graphene oxides 
(CRGOs) remain highly dispersed in solution and are useful in carrying out real time 




which can lead to breakdown of the resin after a few reaction cycles. Also, the surface 
area of GO and CRGOs are much larger than the commercial resins and hence a large 
amount of lipase can be loaded on the supports surface (Ansari and Husain, 2012). A 
major advantage of using nano-supports for enzyme immobilisation is their 
compatibility with advanced microscopic/spectroscopic techniques, which allows for 
the conformation of bound lipase molecules to be studied.  
To better understand the immobilisation of lipases via hydrophobic interactions, 
fundamental research investigating the interfacial interactions that occur between the 
surface and lipase are needed. These interactions dictate how immobilisation affects 
the activity and selectivity of different lipases. Therefore, understanding the factors 
that influence these interactions may enable a more targeted immobilisation. 
Previously it has been demonstrated that chemically reduced graphene oxides can be 
used for studying lipase immobilisation (Mathesh et al., 2016). In this Chapter we have 
used graphene oxide and CRGOs with different levels of surface hydrophobicity as 
model supports to investigate the effect of surface hydrophobicity on the 
activity/selectivity of immobilised lipases. We immobilised two different lipase QLM 
(Alcaligenes sp.) and lipase from Thermomyces lanuginosa (TL), both of which are 
important in commercial applications. In addition, these lipases possess different 
active site shapes and specificities, which provides greater insight into the effect of 
hydrophobic immobilisation on lipases activity and selectivity. A range of synthetic 
para-nitrophenyl (pNP) and 4-hydroxy-N-propyl-1,8-naphthalimide (NAP) esters 
were used to investigate immobilised lipase activity/selectivity, as well as the effect of 
lipase loading on CRGOs. In addition, the effect of immobilisation on lipase structure 
were investigated by characterising structures of lipases (TL/QLM) immobilised on 
GO/CRGOs using circular dichroism (CD) and attenuated total reflection Fourier 
transformed infrared (ATR-FTIR) spectroscopy.  
 
4.1 Activity and selectivity of lipases against pNP-acyl esters 
Assays based on chromogenic molecules such as pNP are among the most commonly 
used methods to analyse lipase and esterase activity (Winkler and Stuckmann, 1979, 
Goddard and Reymond, 2004, Kurtovic et al., 2010). They provide simple and rapid 




selectivity of lipase QLM was determined using a number of pNP-acyl esters of 
varying acyl chain lengths (C4, C6, C8, C10, C12, C14, C16 and C18), as described 
in the Section 2.1.6. Figure 4.1.1 shows the fatty acid (FA) selectivity profile of QLM 
towards the different pNP esters. Lipase QLM was most active on medium chain esters 
(C8-C12) and least active on esters C6, whereas, with long chain esters the rate of 




Figure 4.1.1 Fatty acid selectivity of lipase QLM against pNP-esters. Substrates used in 
assay were pNP-acetate (C2), pNP-butyrate (C4), pNP-hexanoate (C6), pNP-octanoate (C8), 
pNP-decanoate (C10), pNP-dodecanoate (C12), pNP-myristate (C14), pNP-palmitate (C16), 
pNP-sterate (C18). Assays were performed in triplicate with three repeats. 
 
Due to the lack of a published crystal structure for QLM, it is not possible to currently 
explain the structural reasons for its selectivity towards different chain length esters. 
However, the activity profile of QLM resembled that of other bacterial lipases showing 
selectivity for medium and long chain esters (Andrade et al., 2007, Qian et al., 2011, 
Misset et al., 1994, Wang et al., 1995, Gilbert et al., 1991b, 1991a, Horiuti and 







Figure 4.1.2 Activity of QLM immobilised on 4 h and 12 h CRGO against pNP esters. The 
specific activity of QLM was measured using C4 (■) and C12 (■) pNP esters. Data are 
averages of triplicate readings. 
 
As a preliminiary investigation, lipase QLM was immobilised on two different 
hydrophobic supports, these were 4 and 12 h CRGOs (see Section 2.1.4). The activity 
of immobilised QLM was then measured against two esters, one poorly hydrolysed by 
free QLM (C4) and the other readily hydrolysed (C12) (Figure 4.1.2). QLM 
immobilised on 4 h CRGO showed a low rate of hydrolysis for C4 esters and had 
negligble activity with C12. Whereas QLM immobilised on 12 h CRGO showed no 
hydrolysis of either ester (Figure 4.1.2). This was surprising as other researchers have 
used this method previously to measure the activity of lipases immobilised on 
GO/CRGOs. As examples, lipases from Alcaligenes sp. and Candida rugosa 
immobilised on GO/CRGOs have shown high rates of hydrolysis with long chain 
esters (pNP-C16) (Jafarian et al., 2018, Verma et al., 2013, Zhang et al., 2014, Mathesh 
et al., 2016). However, all the above studies used a discontinuous/stopped assay format 
(10 – 30 minutes). In addition, the reaction assay contained the detergent Triton X-100 




The main reason we did not follow the same methodology is because using stopped 
assays can lead to inaccuracies if the progression of the assay is not clearly controlled 
and understood, i.e. if substrate becomes limiting (Bisswanger, 2014). Also, the pNP 
assay in general does not necessarily involve the use of detergent and was used in the 
earlier studies as an additive in the reaction medium. The use of detergent may change 
the physicochemical properties of the ester substrates (Delorme et al., 2011) and affect 
the overall activity of enzymes. These effects are not well discussed in the previous 
articles that investigated the immobilised lipase activity on CRGOs.  
In our research we used a continous assay, as it enables the reaction to be monitored 
in realtime and a more indepth understanding of what is being measured in the assay 
can be obtained. Initially, from the results obtained by the continous assays (1 minute) 
using pNP esters, the activity measured for immobilised QLM was hardly detectable. 
Even with an extended 30 minutes assay, the observed QLM activity on 4 and 12 h 
CRGO was extremely low (data not shown). Due to this apparent low activity we 
hypothesised that the pNP chromophore released from the substrate hydrolysis might 
be adsorbing onto the surface of the CRGOs, reducing the concentration of pNP in 
solution. To investigate this we incubated different concentrations (10 – 250 μM) of 
pNP in the assay buffer with and without 40 μg of the CRGOs present. We found that 
the presence of 4 and 12 h CRGOs did not quench the absorbance intensity of the pNP 
solution (Figure 4.1.3). Therefore, from this data we can eliminate the possibility of 
CRGOs interference through adsorbing the released pNP in solution. Hence, it can be 
confirmed that for continous assays using pNP esters the pNP chromophore did not 
provide sufficient sensitivity for the accurate measurement of activity. Fluorescence-
based kinetic assays were investigated for activity measurements since they provide 






Figure 4.1.3 Effect of surface hydrophobicity on the adsorption of p-nitrophenol. The 
absorbance of pNP (■) and pNP incubated with 4 h (●) and 12 h CRGO (40 μg) (▲). Data are 
averages of triplicate readings. 
 
4.2 Activity and selectivity of free lipases against NAP esters 
A number of fluorogenic substrates are available from commercial suppliers for the 
determination of lipase activity, most of which are coumarin-based fluorophores. 
However, preliminary experiments showed that the fluorescence of 4-
methylumbelliferone (one of the more common coumarin derivatives) was quenched 
in the presence of GO/CRGOs, significantly reducing its application as a sensitive 
detection agent (data not shown). A set of fluorogenic esters using a 4-hydroxy-N-
propyl-1,8-naphthalimide (NAP) fluorophore have been developed (Nalder et al. 
2016). These were assessed for use in the presence of GO/CRGOs. Different 
concentrations (2 – 10 μM) of NAP fluorophore were prepared in 20 mM Tris-HCl pH 
8 containing 0.01% gum arabic (w/v) and their fluorescence intensity was measured 
both with and without GO/CRGOs (40 μg) (Figure 4.2.1). It was observed that the 




4 h CRGO. The decrease was more pronounced in the presence of more hydrophobic 
CRGOs (8 and 12 h). It is possible that this was caused by the fluorophore adsorbing 
onto the more hydrophobic supports. However, in comparison to the quenching of 4-
methylumbelliferone, the fluorescence intensity of NAP was still clearly measurable. 
To account for the decrease in fluorescence intensity correction coefficients were 
determined from the data presented in Figure 4.2.1. The coefficients are presented in 
Appendix 8.1, Table 8.1.1. Accordingly, these equations were applied for all assays 




Figure 4.2.1 Quenching of NAP fluorescence by GO and CRGOs. The fluorescence 
intensity of NAP (■), NAP incubated with GO (●), 2 h CRGO (▲), 4 h CRGO (▼), 8 h CRGO 
(◄) and 12 h CRGO (►). Assays were performed in triplicate. 
 
As with the pNP assay, the activity of QLM immobilised on 4 and 12 h CRGOs was 
measured with NAP esters of short and long chain lengths (C4 and C16) (Section 
2.1.7). Figure 4.2.2 shows that the use of the NAP assay allowed detection of 




was only detectable with the C4 ester, while the immobilised lipase had no activity 
towards C16. With the assay providing improved sensitivity, NAP esters were used 




Figure 4.2.2 Activity profile of lipase QLM immobilised on 4 and 12 h CRGO against 
NAP esters. The specific activity of QLM was measured against C4 (■) and C12 (■). Data are 
averages of triplicate readings. 
 
The effect of support surface hydrophobicity on the activity and selectivity of 
immobilised lipases was investigated using NAP esters of short (C4), medium (C8) 
and long (C16) chain length. In addition to QLM, lipase TL was used to determine 
whether support surface hydrophobicity affected the different lipases in different ways. 
Firstly, the activity/selectivity of ‘free’ lipases QLM and TL were measured against 
esters (Figure 4.2.3). TL was found to be more active than QLM and preferentially 
hydrolysed the medium chain ester, while poorly hydrolysing the short chain ester. 
This data is consistent with the previously reported selectivity of lipase TL by Nalder 







Figure 4.2.3 Fatty acid selectivity profile of lipases QLM and TL against NAP esters. The 
specific activity of lipases QLM (a) and TL (b) were measured against short (C4), medium 







QLM preferentially hydrolysed the long chain C16, but also hydrolysed the C4 and C8 
esters reasonably well. TL has been shown to have a cleft-like active site on its surface 
(Gutiérrez-Ayesta et al., 2007). While no crystal structure has been resolved for lipase 
QLM and therefore no active site topology deduced, a number of previously 
characterised bacterial lipases have demonstrated a similar preference for the 
hydrolysis of long chain substrates (Ramnath et al., 2017, Eichmann et al., 2012, 
Wentzel et al., 2007). Since the selectivity profile of QLM and TL were different, we 
expect that their active site topologies are also different. These profiles were used to 
compare with immobilised QLM and TL on CRGOs with different hydrophobicities. 
 
4.3 Effect of protein loading on the activity of immobilised lipases 
against NAP esters 
To determine the maximum catalytic activity of immobilised lipases in hydrolysing 
NAP esters, different concentrations of lipases were immobilised on CRGOs. As a 
preliminary investigation 4 h CRGO was used as a support, stock solutions of QLM 
and TL (2 mg mL-1) were incubated with 4 h CRGO (2 mg) with continuous stirring 
at 4 °C for 2 and 24 h. The amount of lipase adsorbed onto the CRGO was calculated 
by subtracting the protein concentration in the unbound fraction and wash supernatant 
from the starting concentration (see Section 2.1.5). However, the commercial supplies 
of QLM and TL may contain traces of other proteins with non-lipase activity in 
solution. The presence of these proteins may compete with lipases during hydrophobic 
immobilisation on CRGOs, due to which the activity obtained may not be directly 
proportional to the amount of bound lipase on CRGOs. Therefore, to assess the level 
of non-specific binding of other proteins in the stock solution specific activity was also 
calculated for unbound and washed samples (see Appendix 8.2). It was found that both 
lipases QLM and TL were selectively bound to the surface of the 4 h CRGO. It was 
determined that each 2 mg of 4 h CRGO can adsorb a maximum of ~638 ± 80 μg mL-
1 and ~968 ± 100 μg mL-1 of protein from QLM and TL. The concentration adsorbed 
was not increased after incubating for 24 h. These maximum concentrations were 
considered as 100% and stock solutions of each lipase prepared at these concentrations 
in 10 mM PBS buffer pH 7.2. The stock was then diluted to three different 




concentrations were immobilised separately onto 4 h CRGO for 2 h at 4 °C, and their 
activity against the three NAP esters determined.  
The loading of different concentrations of protein from QLM and TL on the CRGO 
had significant effect on lipase activity, which is represented in Figure 4.3.1 and Table 
4.3.1. With respect to QLM, increasing its loading concentration did not alter the 
specific activity against C4 and C8 esters (Figure 4.3.1a & b), suggesting that the 
loading concentration did not affect the lipase activity. However, with C16, the 
specific activity was poor at low loading (25% and 50%) but improved as the loading 
concentration (75% and 100%) was increased (Figure 4.3.1c). The activity profile 
obtained for TL was more complex, showing varying levels of activity with each NAP 
ester (Figure 4.3.1 d, e & f). With ≥50% loading the specific activity of TL for the C4 
ester was relatively stable. However, with C8 a gradual reduction in specific activity 







Figure 4.3.1 Effect of protein loading on the specific activity of immobilised lipase. Lipases concentrations used were 25 % (yellow), 50% (green), 
75% (orange) and 100% (red) of the maximum loading. Lipases QLM and TL were immobilised on 4 h CRGO. The specific activity of lipases QLM 
and TL was determined with NAP esters C4 (a and d), C8 (b and e) and C16 (c and f). Assays were performed in triplicate. 
 
a) b) c) 




Table 4.3.1 Summary of immobilised lipase activity obtained at different loading concentration on CRGOs. 
Lipase stock 
dilution (%) 




Specific activity (U/mg)  Protein 
loading 
(μg/mL) 
Specific activity (U/mg)  
NAP esters NAP esters 
C4 C8 C16 C4 C8 C16 
25 136 ± 50 935 ± 9 161 ± 2 0 171 ± 50 7051 ± 703 29107 ± 485 3988 ± 418 




75 457 ± 50 1099 ± 26 170 ± 5 4 736 ± 70 13809 ± 357 48455 ± 1621 19833 ± 946 




The distinct activity profile observed for QLM and TL at different loading can be 
related to the conformational change of these lipases after immobilisation on 4 h 
CRGOs. QLM and TL are different lipases and may interact differently with the 4 h 
CRGO support. To verify this, AFM imaging was carried out for both QLM and TL 
immobilised at its maximum concentration on 4 h CRGO (see Section 2.1.16). As 
AFM provides information on the topographical information, it is easy to understand 
the lipase distribution on CRGOs after immobilisation. Using this information, we can 
interpret whether lipases are bound in the form a monolayer or as aggregates, which 





Figure 4.3.2 AFM analysis of lipases QLM and TL immobilised on 4 h CRGO. Image and 
particle height distribution of QLM (a & c) and TL (b & d) immobilised on 4 h CRGO at the 
maximum determined loading. Particle analysis was performed for 400 particles of lipase and 






From the AFM topographical image (Figure 4.3.2) it was observed that QLM and TL 
showed differences in height distribution after immobilisation (Figure 4.3.1). QLM 
bound in the form of aggregates with an average height 4.152 nm, while TL was more 
uniformly distributed on the surface with an average height of 1.73 nm. This suggests 
that at the loading concentration not all of the QLM will be interacting with the surface 
of 4 h CRGO, with some enzyme-enzyme interactions taking place in the form of 
aggregates. Whereas with TL, it appears that most of the TL molecules are interacting 
directly with the surface. Based on this information it is hypothesised that the 
distribution and interaction of lipases QLM and TL at different loading on 4 h CRGO 




Figure 4.3.3 Schematic representation of protein loading of lipases on CRGOs. Different 
protein concentration of lipase QLM (a) and TL (b) immobilised on 4 h CRGOs. 
 
Using this schematic representation (Figure 4.3.3), the following effect of loading of 
QLM and TL on 4 h CRGO is hypothesised by correlating to the activity data observed 
in Figure 4.3.4 & 4.3.5 (Subsets from Figure 4.3.1). With respect QLM, as the loading 
concentration increases free QLM binds to already bound QLM forming aggregates 






structure of all bound enzymes. However, aggregation may affect QLM structure, but 
not significantly enough to change the specific activity of bound lipases with respect 
to loading. Therefore, at irrespective of loading concentration the specific activity of 
QLM against C4 and C8 ester remained stable (Figure 4.3.4 a & b). Although this did 
not happen with C16, the specific activity improved only at 75% and 100% loading 
concentration (Figure 4.3.4 c), at this point it is difficult to interpret the exact reason 
for improved activity. A further investigation is required regarding the selectivity of 
QLM after immobilisation and its affinity towards support/substrate hydrophobicity, 
which is discussed in detail in Section 4.4. 
In regard to lipase TL, most TL binds directly onto 4 h CRGO and only few on already 
bound TL (as observed in AFM), it is possible that at the low loading concentration 
(25%) only few lipases are on the surface and bound by directly interacting with 4 h 
CRGO through multi-point attachment. This could significantly change TL’s native 
conformation and decrease specific activity with all three NAP esters (Figure 4.3.5). 
At 50% loading the activity of TL improved against all three NAP esters. This could 
be due to the presence of more TL adsorbed on the surface causing some enzyme-
enzyme aggregation and reduced the occurrence of multi-point attachment. Therefore 
the structure was not affected as much as with low loading concentration (25%). At 
high concentrations (75% and 100%) TL activity remained stable with the C4 ester, 
which is due to the small size of the substrate being able to access the active site. 
However, with C8 TL specific activity decreased as loading concentration was 
increased. The decrease in activity could be related to poor substrate diffusion. 
Whereas with C16, as the enzyme crowding on the support increased the specific 
activity also increased. Again, further investigation on TL selectivity after 
immobilisation and its affinity towards support/substrate hydrophobicity would help 






Figure 4.3.4 Effect of protein loading on the specific activity of immobilised QLM. 
Lipases concentrations used were 25 % (yellow), 50% (green), 75% (orange) and 100% (red) 





Figure 4.3.5 Effect of protein loading on the specific activity of immobilised TL. Lipases 
concentrations used were 25 % (yellow), 50% (green), 75% (orange) and 100% (red) of the 









4.4 Effect of surface hydrophobicity on the activity and selectivity of 
lipases 
To study how support hydrophobicity effects lipase activity and selectivity, lipases TL 
and QLM (standardised on protein at 600 μg/mL) were immobilised on GO, as well as 
2, 4, 8 and 12 h CRGOs. The activity and selectivity of the immobilised lipases was 
then measured using the NAP assay (Section 2.1.7) (Figure 4.4.1). Immobilisation of 
lipase QLM and TL on GO resulted in the activity of both lipases decreasing by >60%, 
with immobilisation on the CRGOs (2, 4, 8 and 12 h) causing activity to decrease 
further. The decrease in activity correlated with the increase in support hydrophobicity 
(Figure 4.4.1). This is because the active site of lipases are typically surrounded by 
hydrophobic residues so they tend to bind strongly to hydrophobic surfaces 
(Fernandez-Lafuente et al., 1998). This hydrophobic binding can alter the native 
conformation of the enzymes, resulting in a change in activity and/or specificity 
towards smaller substrates that can fit into a more constrained active site (Zisis et al., 
2015), CRGOs reduced for longer possess more hydrophobic domains than GO. 
Accordingly, as the surface hydrophobicity of the CRGOs increases the adsorption of 
lipases to these supports is likely to get stronger. As a result, the process of 
immobilisation via hydrophobic interactions may sterically hinder substrate access to 
the bound lipase active site (Zisis et al., 2015). After immobilisation QLM shifted from 
preferentially hydrolysing C16 to C4 demonstrating a change in selectivity. The short 
chain length and small physical size of the C4 ester may mean that the substrate can 
access the structurally altered active site of immobilised QLM more readily than the 







Figure 4.4.1 Effect of surface hydrophobicity on the activity and selectivity of lipases 
against NAP esters. Lipases (a) QLM and (b) TL were immobilised on GO and 2 h , 4 h , 8 h 
, 12 h CRGOs. Data is an average of three independent assays carried out in triplicates. 
 
Immobilised TL also showed a change in selectivity. It changed from preferentially 






CRGO), and retained its selectivity to C8 after being immobilised on CRGOs reduced 
> 4 h (Figure 4.4.1 b). The apparent observed trend and change in the selectivity of TL 
immobilised on GO and 2 h CRGO was unexpected, as it is at odds with the 
observations that increasingly strong hydrophobic binding, constrains the active site 
so that shorter chain substrates are preferred. This shift in selectivity towards longer 
chain esters appear to have not been reported previously for hydrophobically 
immobilised lipases. Considering that the free lipase is more active than the bound 
form, we now consider it likely that TL may be desorbing from the less hydrophobic 
supports in the presence of the longer chain esters. As it has been previously observed 
in studies of enzymes immobilisation on hydrophobic resins, for example, 
triglycerides (hydrophobic substrate) were used to desorb lipase B from Candida 
antartica  immobilised on octyl agarose (Virgen-Ortíz et al., 2017). From this it can 
be understood that the measured activity was not actually demonstrating selectivity of 
bound lipase, but simply free lipase activity. 
To study this, desorption of lipase TL immobilised on GO and 2 h CRGO was 
investigated as described in Section 2.1.8. To approximate how much lipase had 
desorbed, standard curves were generated for free TL activity vs enzyme concentration 
under the same assay conditions (Appendix 8.1, Table 8.1.2). TL was shown to desorb 
from the surface of GO and 2 h CRGO when reacting with C8 and C16 esters, with 
desorption decreasing as the support hydrophobicity increased (Figure 4.4.2). These 
substrates are of medium and long chain length and in solution they aggregate to form 
a hydrophobic interface. The level of interface hydrophobicity is dependent on the acyl 
chain length of the esters, with longer chain lengths providing interfaces of greater 
hydrophobicity (Peters and Bywater, 2001, Yang et al., 2002). As a result, when these 
immobilised preparations are introduced to the assay containing these esters the 
substrate interface may be strong enough to desorb the immobilised lipases. As is 
expected, the more hydrophobic the ester substrate the greater the level of lipase 
desorption. Our result confirms this, with TL desorbed from GO, and to a lesser extent 







Figure 4.4.2 Desorption of lipase TL from hydrophobic supports. The assay was carried 
out in the experimental conditions used for the hydrolysis of NAP esters. TL desorption was 
observed on GO and 2 h CRGO. Data are averages of triplicate readings. 
 
Desorption assay was also performed with QLM immobilised on GO and 2 h CRGO. 
However, no free QLM was observed in the reaction (data not shown), suggesting that 
QLM binds more tightly than TL to these supports. Based on the observed data, a 
schematic representation was made to show the interaction of lipase TL and QLM with 
different chain length esters (Figure 4.4.3). Desorption of lipase TL from CRGO 
supports reduced ≥4 h (data not shown) was negligible, suggesting that once support 
hydrophobicity was sufficiently strong this lipase also bound tightly. For this reason, 
the selectivity of immobilised TL can only be assessed accurately with those supports 







Figure 4.4.3 Schematic representation of effect of immobilisation of lipases QLM and TL 
on CRGOs in the presence of ester substrates of varying chain length. Irrespective of ester 
chain length lipase QLM shows no desorption (a), while TL desorbs in the presence of ester 
with larger acyl chain length (b). 
 
This difference in the changes to selectivity between lipases QLM and TL could be 
due to differences in their structural rigidity. Previously it has been reported that lipase 
TL tends to exhibit rigidity when interacting with hydrophobic supports, with changes 
to its structure being less pronounced upon binding (Cruz et al., 2010). As the 
selectivity of QLM readily changed with adsorption to the support we hypothesise that 
its structure less rigid than that of TL. To confirm this structural characterisation of the 
two lipases immobilised on the different GO/CRGOs was performed using CD and 








4.5 Analysis of immobilised lipase secondary structure 
4.5.1 CD analysis 
Initially the immobilised lipases were characterised using CD spectroscopy (Section 
2.1.10). CD analysis of the immobilised lipases showed that QLM and TL underwent 
significant changes to their secondary structure after immobilisation on GO/CRGOs. 
The change in the enzyme conformation was observed by comparing the elliptical 
intensity of free and immobilised lipases at the same concentration. The spectra of GO 
and the different CRGOs were also determined to control for spectral contributions 
from the supports. GO/CRGO spectra did not show any elliptical absorption peaks, 
except for minor spectral noise. The CD spectra of lipases QLM and TL showed 
different -helical conformations (Figure 4.5.1.1a & b). Free QLM showed a positive 
band (maxima) at 195 nm and a negative band (minima) at 208 nm which is typical of 
the -helical conformations of most lipases (Greenfield, 2006, Mathesh et al., 2016). 
However, free TL shows an -helical conformation, with a maxima at 193 nm and two 
minima at 208 and 222 nm (Figure 4.5.1.1b). This indicates high -helicity in the 
protein structure, which is also in agreement with previously reported data (Chen et 
al., 1974, Cooper and Woody, 1990, Goncalves et al., 2014).  
After immobilisation, QLM underwent a drastic change in ellipticity at 193 nm and 
208 nm which decreased in their intensity as the surface hydrophobicity of CRGOs 
increased. TL showed a more gradual decrease in ellipticity at 208 and 222 nm as 
support hydrophobicity increased. Unlike QLM the spectrum of lipase TL immobilised 
on the GO support appears to resemble the unbound form, suggesting its structure on 
mildly hydrophobic surfaces remains largely unchanged. The conformational stability 
of TL has been investigated previously and shown to be a ‘hard’ or ‘rigid’ enzyme that 
is resistant to change Cruz et al. (2010), which our data corroborates. 
Additionally, these CD spectra of immobilised lipases were used to calculate the -
helical content using the method reported by Morrow et al. (2000) (Section 2.1.10). 
From Figure 4.5.1. 1(c & d), the -helix content decreases in both QLM and TL after 
immobilisation. However, QLM retained only 60% of its -helix content after 
immobilisation on GO, while TL retained 80%. This difference between QLM and TL 
further suggests that QLM’s structure is less stable/rigid and more prone to unfolding 




the immobilised lipase samples correlate with the activity and desorption data (Section 
4.4) obtained for the same samples. The major conformational change of QLM defines 
its affinity towards GO/CRGOs, resulting in changes to the enzymes 
activity/selectivity and how tightly it bound to the supports. While the rigidity of lipase 
TL appears to restrict major changes to secondary structure when bound to less 
hydrophobic CRGOs. It is possible that this enables the enzyme to maintain its 
selectivity, and may also explain why the enzyme desorbs more readily from the 
supports. 
We can also relate this desorption and CD data back to the observed loading data of 
QLM and TL on 4 h CRGO in hydrolysis of long chain esters (Figure 4.3.5c & f). The 
observed improved activity of both immobilised QLM and TL against C16 could be 
due to interactions of the free enzymes with the substrate causing desorption in 
solution. Hence the measured activity is that of desorbed free lipase against C16 in 
solution, although this has not yet been confirmed. Since QLM has greater affinity to 






Figure 4.5.1.1 Analysis of immobilised lipase preparations by CD spectroscopy. Changes in secondary structure were observed for lipase QLM (a) 
and TL (b) immobilised on GO and 2, 4, 8 and 12 h CRGO supports. The -helical content (%) of QLM (208 nm) and TL (208 and 222 nm) was 






4.5.2 ATR-FTIR analysis  
To provide further structural data, attenuated total reflectance Fourier transform 
infrared spectroscopy (ATR-FTIR) was carried out to support the CD analyses. The 
ATR-IR analyses for immobilised preparations of lipases QLM and TL on different 
hydrophobic supports were carried out as explained in Section 2.1.11. The spectra 
showed numerous absorbance peaks in the spectral range between 3000 – 600 cm-1. 
Using Unscrambler X®, these spectra were pre-processed into Savitzky-Golay second 
order derivatives to remove any baseline effects and increase the resolution of the IR 
bands. The second order derivative of the IR spectra from 1800 – 600 cm-1 contains 
various amide regions that are indicative of the protein backbone, namely amide I 
(1700 – 1600 cm-1), amide II (1575 – 1480 cm-1), amide III (1301 – 1229 cm-1), amide 
IV (537 – 606 cm-1) and amide V (800 – 640 cm-1). The amide regions in the spectra 
determined for the free lipase samples were used as references to interpret changes in 
the secondary structure changes of immobilised samples. The immobilised QLM and 
TL showed increased intensity over different amide regions (Figure 4.5.2.1 & 4.5.2.2). 
The amide I band, which is the most sensitive to changes in secondary structure, 
intensified with immobilised QLM more than TL. This increased intensity can be 
attributed to the increased stretching of –C=O groups, due to interaction with the 
hydrophobic supports. However, due to the complex nature of the spectral patterns 
peak intensity was not used to quantify changes in secondary structure. Instead, shifts 
in peak position were used to interpret changes in the immobilised lipases. This is 
because they represent changes in the hybridisation state or electron distribution in the 
molecular bonds of proteins (Kong and Yu, 2007), both of which occur as protein 
structure changes. 
Spectral shifts were observed with both lipases immobilised on CRGOs and are 
presented in detail in Tables 4.5.2.1 and 4.5.2.2. It was observed that the spectral shift 
of the amide III region was greater in the QLM samples than for TL. This spectral 
region is related to CN stretching and NH bending, and suggests that these structures 
are significantly affected in QLM after immobilisation. The IR spectral data confirmed 
that the structural changes that lipases QLM and TL undergo upon adsorption on 
CRGOs are different. It has been reported that the application of deconvolution data 
to quantify protein secondary structure is sometimes not enough and requires further 
data processing (Haris, 2013). For this reason it is difficult to distinguish the exact 




different hydrophobicities. However, using UnscramblerX® a scores plot was derived 
by applying principal component analysis (PCA) of the second order derivative data 
and IR spectra derived for immobilised QLM and TL. 
In PCA, a score plot represents the distribution of samples in two-dimensional space, 
which is often used to classify samples based on similarity (Li et al., 2018b). In some 
cases, scores plots are used to study the progression of chemical reactions (Silva et al., 
2018, Worley et al., 2013). However, here we are using the PCA score plots to 
investigate the degree of structural change in lipases immobilised on different CRGOs. 
The structural data for free and immobilised lipases was observed in principal 
components (PCs) 1 and 2. These PCs showed the highest percent variability between 
test samples, for QLM PC 1(variability – 65%) vs PC 2 (variability – 26%) and TL PC 
1 (variability – 86%) vs PC 2 (variability – 11%). The spectral variation between free 
lipase and immobilised lipase became clearer as the surface hydrophobicity of CRGOs 
increased (Figure 4.5.2.3). The ellipse around the samples in the scores plot shows that 
all samples lie within the data model. The scores plot for QLM showed that free QLM 
clustered in quadrant III and after immobilisation the samples were scattered in 
quadrants I, II and III. The clear differences in the position of the free lipase and 
immobilised samples supports a significant change to QLM’s structure due to 
immobilisation on CRGOs. Within the immobilised samples the structure of QLM 






Figure 4.5.2.1 Second derivative analysis of ATR-IR spectra of immobilised lipase QLM. Changes in the different amide regions due to support 








Table 4.5.2.1 Second derivative IR absorbance peaks from immobilised lipase QLM. 
Band regions Associated with  Initial peak 
position  






QLM immobilised on different hydrophobic CRGOs 
GO 2 h CRGO 4 h CRGO 8 h CRGO 12 h CRGO 
Amide I C=O stretching 1705 1696 1698 1699 1697 1697 
1595 1595 1597 1601 1600 1601 
1639 1639 1643 1643 1643 1643 
Amide II CN stretching, NH 
bending 
1534 1528 1530 1530 1530 1533 
1487 1487 1486 1486 1484 1483 
Amide III CN stretching, NH 
bending 
1369 1315 1312 1312 1309 1286 
1249 1245 1239 1236 1229 1227 
Amide IV OCN bending 762 759 759 759 759 759 
Amide V Out-of-plane NH bending 807 810 807 808 808 806 








Figure 4.5.2.2 Second derivative analysis of ATR-IR spectra of immobilised lipase TL. Changes in the different amide regions due to support 







Table 4.5.2.2 Second derivative IR absorbance peaks from immobilised lipase TL. 
Band regions Associated with  Initial peak 
position  






TL immobilised on different hydrophobic CRGOs 
GO 2 h CRGO 4 h CRGO 8 h CRGO 12 h CRGO 
Amide I C=O stretching 1701 1700 1699 1699  1698 1698  
1661 1651 1651 1652 1652 1652 
1602 1607 1606 1606 1606 1606 
Amide II CN stretching, NH 
bending 
1559 1559 1559 1558 1557 1555 
1488 1488 1488 1488 1488 1484 
Amide III CN stretching, NH 
bending 
1309 1309 1309 1307 1307 1305 
1228 1228 1229 1227 1226 1221 
Amide IV OCN bending 781 780 781 781 781 780 
Amide V Out-of-plane NH 
bending 
798 797 797 797 797 797 








Figure 4.5.2.3 Principle component analysis scores plot (PC1 vs PC2) for lipase QLM, (a) 
and TL (b) immobilised on different hydrophobic CRGOs. PCA was applied for the analysis 
of second order derivative IR spectra (1800 – 600 cm-1) derived from immobilised lipases 
using the NIPAL algorithm and full cross validation method with 6 segments. The ellipse 
represents Hotelling T2 which shows that all data fall within the model space (p-value of 5%) 
with no outlier. 
 
The scores plot for immobilised TL showed a different sample distribution profile with 
free TL and TL immobilised on GO observed together in quadrant III, while TL 
immobilised on other CRGOs clustered in quadrants I and IV. This suggests that 




less drastic than seen with QLM. This again indicates that the structure of TL is more 
rigid than that of QLM. The data obtained from ATR-FTIR spectroscopy and 
processed using chemometrics correlates with the CD analyses data, confirming that 




The findings in this chapter show that the fluorescence-based NAP assay provides 
improved sensitivity over the pNP assay for assessing the activity of lipases 
immobilised on GO/CRGOs in a continuous format. Lipases QLM and TL were both 
immobilised on GO, 2 h, 4 h, 8 h and 12 h CRGO, with the activity of both lipases 
decreasing when immobilised relative to the free enzymes. The two lipases responded 
differently to hydrophobic immobilisation with respect to their loading, which affected 
their activity and selectivity. QLM specific activity (mg/mL) remained relatively 
unaffected by changes in the amount of enzyme loaded. However, the activity of TL 
decreased after reaching 50% of its maximum loading concentration. AFM data 
showed QLM molecules were stacked on each other, while bound TL mostly 
interacted directly with the surface of 4 h CRGO.  This difference in the binding of 
lipases on 4 h CRGO resulted increased activity of QLM, this may be due to lipase not 
interacting directly with the support and therefore less affected by the supports 
hydrophobicity.  While the decrease in activity of TL is due to mass transfer and 
substrate diffusion into the active site of lipases due to overcrowding of lipases on the 
hydrophobic support. Therefore, most of the bound TL structure on 4 h CRGO was 
affected, resulting in change in its specific activity with respect to loading. Also, at 
high loading concentration (75 and 100%) both QLM and TL result in some desorption 
from the surface of 4 h CRGO support while interacting with long chain esters. The 
immobilisation of QLM and TL on different hydrophobic CRGOs led to changes in 
activity and selectivity. QLM changed from optimally hydrolysing long chain esters 
to short chain esters in its free and immobilised forms, respectively. While TL initially 
appeared to change from medium chain to long chain, the shift was caused by 
desorption of the enzyme on less hydrophobic supports and selectivity was maintained. 
An observed loss in activity on binding appears to be due to a change in lipase 




and TL decreases on binding, suggesting significant structural changes take place upon 
hydrophobic interaction with the supports. ATR-FTIR showed C=O stretching and NH 
bending at amide I and amide II, with these qualities increasing as the surface 
hydrophobicity of the support increased.  
The above findings demonstrate that 2D materials such as GO and CRGOs are useful 
tools to study the effect of surface hydrophobicity on the activity and selectivity of 
lipases bound to them. Their simple preparation, tunability and dispersibility in 







Effect of Triton X-100 on the activity of lipases 
immobilised on graphene oxides 
 
5.0 Introduction 
Detergents are amphiphilic molecules that consist of a hydrophobic non-polar tail and 
hydrophilic polar head structure. Based on their structure detergents are classified into 
four categories; bile acid salts, ionic (anionic/cationic), non-ionic and zwitterionic 
detergents (Seddon et al., 2004). In lipase assays, these detergents are used as 
additives, to either solubilise insoluble substrates or disperse biomolecular aggregates 
of enzyme (Rubingh, 1996). At concentrations higher than their respective critical 
micellar concentrations (cmc), detergents can form micelles in solution, resulting in 
the formation of hydrophobic interfaces with which lipase can interact (Seddon et al., 
2004). It has been reported that the conformational equilibrium of lipases changes from 
the closed to open form in the presence of detergents due to interfacial activation 
(Delorme et al., 2011). However, the effect of different detergents on lipase activity is 
dependent on surface charge and concentration. For example, the non-ionic detergent 
Triton X-100 (TX-100) at concentrations above cmc improved the activity of lipase 
Pseudomonas fluorescens against short chain esters, while the cationic detergent 
cetyltrimethylammonium bromide (CTAB) required the concentration to be kept 
below its cmc to increase the activity of the same lipase (Fernandez-Lorente et al., 
2007a). The addition of detergents to reactions using lipases immobilised on macro 
supports has also been shown to change activity. For example, commercial lipase 
Lecitase® Ultra immobilised on octyl-agarose was hyper-activated 150-fold against 
short chain esters in the presence of 0.1% (v/v) CTAB, but inhibited when 0.1% TX-
100 was used (Fernandez-Lorente et al., 2007b). 
In Chapter 4 it was shown that the immobilisation of lipases QLM and TL on GO and 
CRGOs caused a substantial decrease in activity as support hydrophobicity increased. 
This finding was different to those presented by Mathesh et al. (2016) for lipase QLM. 




hydrophobicity, however they showed that the activity of QLM towards long chain 
esters was improved on 4 h CRGO (Mathesh et al., 2016). Also, other studies have 
shown similar improvement in enzyme activity using lipases from Aspergillus oryzae 
and Brevibacillus borstelensis immobilised on GO. In their study, immobilisation of 
lipase on GO improved their rate of catalysis and stability when compared to the free 
enzymes (Dutta et al., 2016, Khan et al., 2018). The difference in the immobilised 
lipase activity determined in these studies and the findings in Chapter 4 led to a closer 
examination of the assay protocols used in the published studies. These studies used 
p-nitrophenyl esters to measure the activity of immobilised lipase, similar to the mono-
ester NAP substrates used in this work. All of the substrate preparations contained the 
non-ionic detergent TX-100. Although not specified in the publications, the purpose 
of adding the detergent to the assays was to increase the solubility of the pNP esters 
and released fatty acids (Gupta et al., 2002). However, in addition to improving 
solubility of pNP esters, the presence of TX-100 is likely to have affected the assay of 
lipases by interacting with the lipase and/or support. These factors were not 
investigated in detail in the above research articles. Considering these previous studies, 
we speculated that the presence of TX-100 could have modified the activity of lipases 
immobilised on CRGOs. Therefore, to fully understand the activity of immobilised 
lipases it is essential to understand how the reagents in activity assay systems interact 
with both lipid substrates, support and the enzymes themselves.  
To determine whether the presence of TX-100 contributed to the increase in activity 
of immobilised lipases on CRGOs, the activity assay with QLM immobilised on 
CRGO was re-assayed with and without TX-100 in the NAP assay. The interaction of 
TX-100 with CRGOs, as well as free and bound lipase was investigated using UV and 
CD spectroscopy. How TX-100 affected substrate properties, such as emulsion droplet 
size, was assessed using a Zetasizer. 
 
 5.1 Effect of Triton X-100 on immobilised lipase activity 
The effect of TX-100 on lipase activity was investigated using the NAP assay. As 
discussed in Section 2.1.7. NAP esters of short (C4), medium (C8) and long (C16) 
chain length were prepared with the addition of 0, 0.1 or 0.4% (v/v) TX-100 to the 




investigated in the presence of TX-100. This was important as previous reports had 
used TX-100 to desorb lipase from matrices (Gupta et al., 2005, Pencreac'h et al., 
1997), and in the event this was occurring it would influence the activity profiles. The 
assay was performed as explained in the Section 2.1.8 for the sample assays containing 
TX-100 in solution. Negligible levels of lipase desorption from GO and CRGOs were 
detected in the presence of both 0.1 and 0.4% TX-100 (data not shown). Therefore the 
activity of immobilised QLM on GO and CRGOs was assessed in the presence of TX-
100. 
The presence of TX-100 in the assay had a significant effect on the specific activity of 
both free and immobilised QLM towards NAP esters, when compared to reaction 
containing no TX-100 (Appendix 8.3). The effect of TX-100 on free lipase will be 
discussed in Section 5.3. Relative to samples containing no TX-100, activity of 
immobilised QLM in the presence of TX-100 exhibited significantly different activity 
profiles against the three NAP esters (Figure 5.1.1). With 0.1 and 0.4% TX-100, the 
activity of immobilised QLM was improved against medium and long chain esters. 
Notably, the improved activity with the long chain ester followed a similar trend to 
that previously determined by Mathesh et al. (2016), and others (Dutta et al., 2016, 
Khan et al., 2018), with the lipase on the 2 and 4 h CRGOs having higher levels of 
activity that those on GO or more highly hydrophobic CRGOs (8 and 12h). With short 
chain esters (relative to ‘no Triton’ control samples), the activity of QLM immobilised 
on 8 and 12 h CRGO improved only in the presence of 0.1% TX-100. There appears 
to be a relationship between the activity of immobilised QLM, TX-100 concentration 
and ester chain length. The activity of QLM immobilised on CRGOs against medium 
and long chain esters shows that as ester chain length increased, higher concentrations 
of TX-100 were required to improve the lipase’s rate of hydrolysis. Accordingly, 0.1 







Figure 5.1.1 Activity profile of lipase QLM (units/mg protein) immobilised on CRGOs reduced for 0 – 12 h, in the presence of different 
concentrations of Triton X-100. Short (C4), medium (C8) and long (C16) chain NAP esters were prepared in buffer containing 0% (blue), 0.1% 




In the presence of TX-100 the specific activity of immobilised QLM varied depending 
on the surface hydrophobicity of the support (GO least hydrophobic to 12 h CRGO 
most hydrophobic). With short chain esters, in the presence of 0.1% TX-100, the 
activity of QLM immobilised on GO decreased relative to the free enzyme and was 
significantly lower than C4/GO without TX-100. With 2 and 4 h CRGOs, the activity 
with 0 and 0.1% TX-100 is similar, but with 8 and 12 h CRGOs the 0.1% TX-100 
samples have higher activity than those without TX-100. When TX-100 concentration 
was increased to 0.4% in solution, the activity of immobilised QLM on the different 
hydrophobic CRGOs was lower than in reactions containing 0 and 0.1% TX-100. 
Assaying with the medium chain ester and with no TX-100, the specific activity 
decreased sharply upon immobilisation onto GO and was negligible on the 2 – 12 h 
CRGOs. At 0.1% TX-100 the activity of QLM immobilised on GO was significantly 
higher than the no TX-100 C8/GO sample. Also, the activity of QLM immobilised on 
2 and 4 h CRGOs were lower than C8/GO before increasing again with more 
hydrophobic CRGOs (8 and 12h). It is not yet understood why this pattern occurred 
but it was seen on all repeats. At 0.4% TX-100 the activity of immobilised on GO was 
lower that the no TX-100 C8/GO sample, but, improved in activity relative to C8/GO 
sample, as the surface hydrophobicity of CRGO was increased.  
With the long chain ester in 0.4% TX-100 the specific activity of immobilised QLM 
was higher than assays using none or 0.1% TX-100. At both 0.1 and 0.4% TX-100 the 
activity of immobilised QLM showed maximum activity on CRGOs with intermediate 
hydrophobicity (2 and 4 h), before decreasing on the more hydrophobic CRGOs. 
Addition of TX-100 not only affected the specific activity of QLM but also the 
selectivity of the immobilised enzyme. In assays containing no TX-100 (0%) the 
immobilised QLM was most active towards short chain esters. However, in the 
presence of TX-100 (0.1 or 0.4%) the selectivity of QLM shifted towards medium 
chain esters. As TX-100 has the ability to interact with both the substrate emulsion and 
the hydrophobic lid domain around the lipase active site (Diaz et al., 2007, Wilson et 
al., 2006), it can be hypothesised that the addition of TX-100 in this investigation is 
affecting the substrate form (dispersing the emulsion to release single esters, or altering 
emulsion properties such as droplet size or surface tension) and/or the interaction of 




This investigation demonstrated that the specific activity of lipase QLM immobilised 
on CRGOs improves in the presence of TX-100. The addition of TX-100 to the NAP 
assay gave an activity profile similar to those previously determined by other 
researchers using QLM immobilised on CRGOs with different hydrophobicities 
against long chain esters (Mathesh et al., 2016). In their work, it was reported that the 
changes to support surface hydrophobicity allowed for the lipase confirmation to be 
controlled, with an optimal activity against long chain esters achieved by 
immobilisation on 4 h CRGO. However, the findings from our study shows that the 
system is more complex than just support surface hydrophobicity effecting activity. 
By measuring immobilised lipase activity both with and without TX-100 it has been 
shown that support hydrophobicity is not alone responsible for the improved catalysis 
of long chain esters, broadening our understanding of how lipase immobilisation 
affects the activity of lipase. Since it was observed that improved activity was only 
achieved after the inclusion of TX-100 in the assay, it can be confirmed that in 
combination with support surface hydrophobicity, TX-100 has a significant role in 
modifying the activity of immobilised lipase.  
The mechanism for how TX-100 acts to improve activity was unclear. The assay 
contains lipase (QLM), support (CRGOs) and substrate (NAP esters), all of which TX-
100 can interact with to cause change. To try and understand the mechanism(s) by 
which TX-100 is acting, the effect/interaction of TX-100 with QLM, CRGOs and NAP 




5.2 Interaction of Triton X-100 with CRGOs 
UV spectroscopy was used to investigate if TX-100 interacted directly with 
GO/CRGOs. A standard curve covering the range from 0 – 0.1% of TX-100 
(absorbance < 1.0) was generated to determine the measurable concentration of TX-
100 in solution (Figure 5.2.1a). GO and CRGOs (2, 4 and 8 h) were incubated for 10 
minutes in solutions containing 0.05% TX-100, before being centrifuged at 12,000 
rpm for 5 minutes to pellet the GO/CRGO. Subsequently, the supernatant was analysed 
by UV spectroscopy to determine the difference in TX-100 concentration (from a 
solution of 0.05% TX-100). The absorbance of each supernatant solution obtained 
from the different GO/CRGO supports is presented in Figure 5.2.1b. After incubation 
of GO/CRGOs in 0.05% TX-100 the concentration of the detergent in solution 
decreased. The differences in concentration demonstrate TX-100 interacting with the 
support material. GO adsorbed approximately 20% of the TX-100 in solution. The 2, 
4, and 8 h CRGOs adsorbed approximately 25% of the detergent, with increasing 
support hydrophobicity having no effect on level of adsorption. These findings 
confirmed that TX-100 interacts directly with the surface of GO and CRGOs. The 
adsorption is likely to be hydrophobic in nature because both TX-100 and GO/CRGOs 
have hydrophobic regions in their structures (Seddon et al., 2004, Zhang et al., 2010a). 
So, this interaction of TX-100 with CRGOs can mean that the TX-100 can also interact 
with lipase immobilised on CRGOs. If TX-100 interacts with the CRGO support near 
the lipase, then this interaction may lead to change in the interaction of the substrate 
with immobilised lipase on CRGOs. However, at this stage it is unclear, and further 
investigation was required. Therefore, TX-100 interaction with the free/immobilised 







Figure 5.2.1 UV spectroscopy analysis of Triton X-100 absorbance on GO/CRGOs. (a) 
Standard curve of Triton X-100 (TX-100) concentration over a range of 0 – 0.1% vs 
absorbance at 276 nm. (b) Bar graph showing the absorbance of solutions of 0.05% TX-100 








5.3 Effect of Triton X-100 on free lipase activity 
5.3.1 NAP assay 
The effect of detergent concentration on the activity of free QLM was measured using 
NAP esters incubated with different concentrations (0 – 1%) of TX-100 (Figure 
5.3.1.1). The activity assay was carried out as described in the Section 2.1.7. Presence 
of TX-100 with free QLM modified its specific activity against NAP esters (Appendix 
8.3, Table 8.3.2). It was observed that lipase QLM’s activity towards short chain esters 
was improved by low concentrations (0.05 and 0.1%) of TX-100, but decreased at 
higher concentrations. Whereas, activity towards the medium chain ester decreased in 
0.05% TX-100, increased at 0.1% TX-100 and then subsequently decreased again as 
the concentration increased. A similar trend was seen with the long chain ester, but the 
highest increase in activity was seen at 0.4% TX-100, before a decrease with 1%.  
In presence of TX-100 (0.1 and 0.4%), free QLM hydrolysed NAP esters more readily 
than immobilised QLM, except for medium chain esters where specfic activity 
improved when the concentration of TX-100 was increased to 0.4% in solution (Figure 
5.1. 1). This shows that the presence of TX-100 can improve up to a certain level but 
does not completely restore the activity levels seen in the free enzyme. However, the 
activity profile of free QLM (Figure 5.3.1.1) correlated with immobilised QLM, that 
is, even free QLM showed maximum hydrolysis towards medium and long chain esters 
in the presence of 0.1 and 0.4% TX-100, respectively. Based on similar activity profile 
between free and immobilised QLM, we can expect that TX-100 is either effecting 
lipase, substrate or both. Therefore, further investigation was carried out by CD 
spectroscopy to investigate the effect of TX-100 on lipase structure. Zetasizer analysis 
was used to measure how the size distribution of NAP ester emulsions changed in the 







Figure 5.3.1.1 Effect of Triton X-100 on the activity and selectivity of lipase QLM against NAP esters. NAP esters were prepared in buffer containing 
Triton X-100 (TX-100) at concetrations of 0% (blue), 0.05% (pink), 0.1% (orange), 0.2% (red), 0.4% (yellow) and 1% (green) before use in assays 




5.3.2 Effect of Triton X-100 on lipase structure 
CD spectroscopy was used to investigate whether TX-100 alters the structure of lipase 
QLM in its free form. QLM (0.6 mg mL-1) was added to buffer containing different 
concentrations (0 – 0.4%) of TX-100, as described in Section 2.1.10. Initially, 1 mL 
samples containing TX-100 (0 – 0.4%) were used to obtain CD spectra. However, the 
spectra had too much noise for accurate analysis. Subsequently, the solutions were 
diluted 10 times in 20 mM Tris-HCl pH 8.0 prior to measurements being performed. 
Despite this dilution, the spectra of samples containing TX-100 showed strong positive 
and negative absorbance bands at 193 and 198 nm, respectively (refer to Appendix 
8.3, Figure 8.3.1). These bands were also visible in the spectra of samples containing 
lipase QLM with different concentrations of TX-100. To minimise detergent-related 
interference on the lipase spectra, the TX-100 spectra were subtracted using JASCO 
J-815 CD spectrophotometer software (data not shown). However, the subtraction of 
these spectra caused major changes in the QLM spectra which were then difficult to 
interpret. Since the α-helix content of QLM’s structure can be quantified at 208 nm, 
using the method described by Morrow et al. (2000), the CD spectra were cropped to 
include only the 202 – 260 nm region. CD analsysis showed that the presence of 
different concentrations of TX-100 did not significantly affect the α-helix content of 
lipase QLM in its free form (Figure 5.3.2.1). The apparent small decrease in the α-
helix content of QLM at 0.4% TX-100 was observed, at this stage the concentration of 
TX-100 was above its cmc values, so TX-100 are in a micellar or aggregate form which 
can provide a hydrophobic interface for lipase to interact. The CD experiments show 
that TX-100 above cmc values can affect the lipase structure. Therefore, this finding 
also indicates that TX-100 concentration maintained above cmc in the activity assay 














Figure 5.3.2.1 Circular dichroism analysis of lipase QLM in the presence of Triton X-100. 
Changes in secondary structure of lipase QLM were measured in presence of 0, 0.05, 0.1, 0.2 
and 0.4 % Triton X-100 (TX-100) (a). The -helix content (%) of QLM was calculated using 








5.4 Effect of Triton X-100 on the emulsion size distribution of NAP 
esters 
The effect of TX-100 on the size distribution of NAP ester emulsions was determined 
using a Malvern Nano Zetasizer, as described in Section 2.1.9. The same 
concentrations of TX-100 (0, 0.1 and 0.4%) were used as those in the NAP activity 
assays for measuring the activity of immobilised QLM. NAP assay buffer (20 mM 
Tris-HCl pH 8.0 and 0.01% gum arabic) was used as a blank (without NAP esters), 
the peaks present are likely to be related to the presence of gum arabic in the buffer 
(Figure 5.4. 1). When NAP esters were prepared in the same buffer a monomodal size 
distribution was observed, suggesting the gum arabic interacts with the esters to form 
the emulsion (Figure 5.4.1a). In the absence of TX-100 the NAP esters C4, C8 and 
C16 had mean peak sizes of 423 ± 120, 324.1 ± 84 and 384.9 ± 116 nm, respectively. 
For each ester the respective peaks represented 100% of the mean peak intensities.  
While analysing samples with TX-100, peaks >1000 nm with peak mean intensities 
<2% would sporadically appear in the size distributions. These were most common in 
samples containing higher concentrations of detergent. As our focus was on nano-scale 
emulsions and micelles, these peaks were omitted from these analyses. The source of 
these larger particles is unknown although they may be either aggregates of detergent 
or contaminants such as dust particles. The blank solution containing 0.1% TX-100 
(Figure 5.4.1b) showed a bimodal distribution similar to the blank containing no 
detergent, with mean peak sizes of 10 ± 3 and 47 ± 16 nm. These mean particle sizes 
were slightly reduced, which could suggest that the addition of 0.1% TX-100 dispersed 
some of the aggregated gum arabic. The mean size distributions of short and medium 
chain NAP ester emulsions containing 0.1% TX-100 were similar to the blank, 
suggesting that the ester-containing emulsion had been dispersed into smaller micelles 
or free esters (Figure 5.4.1b). A monomodal distribution was observed for the long 
chain ester emulsion in the presence of 0.1% TX-100 as, however the emulsion size 
had decreased with a peak mean size of 174 ± 67 nm (compared to 309 ± 60 with no 
detergent). At 0.4% TX-100 the effect on the size distribution of the NAP ester 
emulsions was similar to that observed with 0.1% detergent (Figure 5.4.1c). The 
exception being that the C16 emulsion showed a bimodal distribution, with the 
appearance of a population of droplets the approximate size of TX-100 micelles. This 




The above results show that the presence of TX-100 at both 0.1 and 0.4% changes the 
physicochemical form of NAP esters under assay conditions. The emulsion size 
distributions of C4 and C8 were changed significantly, with the presence of the 
emulsion populations in the 300 – 400 nm range disappearing in the presence of TX-
100. This suggests that these emulsions were dispersed, likely into free esters, as their 
size distribution profile was similar to that of the blank solution. The C16 emulsions 
were less effected by the presence of detergent, with an ester emulsion population (179 
– 220 nm size range) still observable in 0.4% TX-100. However, the mean size of the 
long chain ester emulsions in solutions containing different concentrations of detergent 
did change. It is possible that some of the emulsion(s) were also dispersed, or 







Figure 5.4.1 Size distribution of NAP ester emulsions in the presence of Triton X-100. 
NAP esters prepared with 0% (a), 0.1% (b) and 0.4% (c) Triton X-100 (TX-100) in assay 







As the effect of surface hydrophobicity had been studied with the long chain ester to 
determine why activity increased at support hydrophobicity increased, a wider range 
of TX-100 concentrations was trialled to determine a clearer mode of action. The C16 
ester was prepared in a range of TX-100 concentrations (0 – 1%), and the size 
distribution of the emulsions was then analysed to better understand the effects of the 
detergent (Figure 5.4.2 and Table 5.4.1).  
 
Table 5.4.1 Size distribution parameters of emulsions containing C16 ester and Triton X-











0% TX-100 254 0.311 22 ± 4.9; 89 ± 15 77.1; 22.5 
0% TX-100 + C16 289 0.089 309 ± 60 100 
0.05% TX-100 126 0.194 18 ± 12; 124 ± 55 79.7; 20.3 
0.05% TX-100 + 
C16 
164 0.159 179 ± 59 100 
0.1% TX-100 13 0.348 10 ± 3; 47 ± 16 70; 30 
0.1% TX-100 + C16 153 0.167 174 ± 67 100 
0.4% TX-100  14 0.312 15 ± 8; 155 ± 72 86; 8 
0.4% TX-100 + C16 183 0.254 220 ± 77 100 
0.5% TX-100  12 0.266 11 ± 4; 239 ± 98 87.5; 2.7 
0.5% TX-100 + C16 24 0.773 9 ± 2; 179 ± 55  57.6; 41.4 
1% TX-100  10 0.138 10 ± 3 98 
1% TX-100 + C16 15 0.452 10 ± 3; 220 ± 64 68; 30 
Triton X-100 (TX-100) 
 
At all concentrations of TX-100 the C16 emulsion droplet size decreased from 309 ± 
60 nm to sizes ranging from 174 ± 67 – 220 ± 70 nm (Figure 5.4.2b). A single 
population of droplets was observed until 0.4% TX-100 was reached, at this 
concentration and beyond, the distribution became bimodal due to the presence of 
detergent micelles (mean peak size ~10 –20 nm). These findings have important 
consequences for the determination of lipase activity with these substrate preparations. 









Figure 5.4.2 Size distribution of C16 ester emulsions in the presence of Triton X-100. Size 
distribution profiles of different concentrations (0 – 1%) of Triton X-100 (TX-100) (a) control 
(b) in presence of C16. Data points are averages of triplicate readings. 
 
5.5 Impact on QLM activity of the interaction of Triton X-100 with 
buffer or enzyme  
The effect of TX-100 on free lipase activity was investigated further by changing when 






each reagent to be altered, to observe how the different combinations interacted with 
each other before all the reagents were mixed together. Different concentrations of 
TX-100 were added either to the substrate buffer or to the enzyme stock solution pre-
assay. This was done to understand if the TX-100 was interacting with the lipase in a 
way that modified enzyme activity. We hypothesised that at higher concentrations the 
detergent micelles could be forming a competitive interface relative to the substrate 
interface for the lipase to interact and adsorb onto, effectively diluting the available 
substrate (interface). The assay reagents (TX-100, lipase QLM and C16 ester) were 
added in the following sequences to investigate how lipase activity was affected. (1) 
A control assay without TX-100 was performed using the standard NAP assay protocol 
to measure the activity of QLM against the C16 ester. (2) the C16 substrate was 
prepared with 0.4% TX-100 before using in assay with QLM. (3) QLM was added to 
buffer containing 0.4% TX-100, to which C16 was added directly from the stock 
solution. (4) The QLM stock was prepared in 0.4% TX-100 and then added to assay 
buffer, thereby diluting the detergent, before the stock substrate solution was added to 
initiate the assay. The activity of QLM was measured from above assays and is 
presented in Figure 5.5.1. 
In the absence of TX-100 QLM readily hydrolysed the C16 ester with a specific 
activity of 5.6 x 104 U mg-1 (Figure 5.5.1, bar 1). However, when C16 was prepared 
with 0.4% TX-100 lipase activity decreased significantly (Figure 5.5.1, bar 2). 
Similarly, when QLM was prepared with 0.4% TX-100 before assay, lipase activity 
decreased even further (Figure 5.5.1, bar 3). This suggests that TX-100 is acting to 
inhibit the lipase, denature the enzyme structure, or that the lipase is interacting with 
TX-100 in a way that prevents the hydrolysis of substrate. 
However, when the QLM stock was prepared in 0.4% TX-100 and then diluted with 
assay buffer before with the addition of C16, the concentration of Triton was reduced 
to only 0.003% in the assay. In this assay ~80% of initial lipase activity was recovered 
(Figure 5.5.1, bar 4), which appears to be due to the dilution of TX-100. This suggests 
that the detergent is not acting as an inhibitor, or as a denaturant. It is noteworthy that 
the 0.003% of detergent in the assay is significantly below the cmc of TX-100, 
therefore it is likely that at higher concentrations the TX-100 is interacting with the 
lipase. The comparison of experiments 3 and 4, where the lipase is initially in the 
presence of 0.4% TX-100 before the concentration of detergent in the assay is either 




Possible mechanisms for how TX-100 interacts with the substrate and/or lipase are 
presented in Section 5.6. 
 
 
Figure 5.5.1 Effect of Triton X-100 addition sequence on lipase QLM activity. Lipase 
activity was measured by NAP ester assays in which the order of reagent addition was 
modified. Order of addition are as follows; (1) QLM was mixed with C16 emulsion in the 
absence of 0.4% Triton X-100 (TX-100), (2) C16 ester were prepared with 0.4% TX-100 prior 
to addition of QLM, (3) QLM was prepared with buffer containing 0.4% TX-100 to which 
C16 was added directly from the stock solution, (4) QLM was prepared in a stock solution 
containing 0.4% TX-100 that was added to assay buffer before C16 stock solution was added. 





5.6 Mechanisms of Triton X-100 interaction with substrate and lipase 
Mechanisms for how TX-100 interacts with substrate and lipase have been 
hypothesised in three schematic representations. These are presented below and depict 
interactions between i) substrate and lipase in the absence of detergent ii) substrate and 
detergent, and iii) lipase and detergent. Note that the schemes presented are not to scale 
and the micellar representation for TX-100 and substrate are for simplicity. 
 
 
Figure 5.6.1 Schematic of the interaction of lipase QLM with NAP P ester emulsion. 
 
In the absence of TX-100 NAP P (C16) esters (substrate) form an emulsion in solution 
(as determined by Zetasizer analyses), providing a hydrophobic interface for QLM to 
interact with (Figure 5.6.1). At this point the adsorbed lipase performs the hydrolysis 
of the esters at the lipid-water interface. This scenario represents the reaction in Figure 
5.5.1 (experiment 1), with hydrolysis proceeding under standard assay conditions. The 
observed activity of free QLM towards long chain esters was better when TX-100 (0%) 
was not used in the assay. When C16 is incubated with TX-100 there are three possible 
ways in which TX-100 is acting (Figure 5.6.2). Firstly, TX-100 can disperse C16 
emulsion, liberating some of the esters into the solution. This was confirmed by using 
a Zetasizer for measuring size distribution of substrate emulsions (see Section 5.4), in 
the presence of TX-100 the droplet size of C16 ester was reduced from 289 nm to < 
15 nm range (see Section 5.4).  
Secondly, both TX-100 and C16 ester could form an emulsion with droplets containing 
both molecules, and again this was considered by observing Zetasizer data in which 
the TX-100 peak disappears when C16 ester was added (see Section 5.4). Hence in the 




mixed emulsion containing both substrate and TX-100 can exist. Both mechanisms act 
in a way that dilutes the concentration of the ester substrate available at the emulsion 
interface, resulting in lower lipase activity.  
Thirdly, TX-100 droplet may provide a competing hydrophobic surface for lipase to 
interact along with substrate. Since both TX-100 and substrate micelles assemble so 
that the hydrophobic region in their structure is exposed to solution they both provide 
a hydrophobic interface for interaction with the lipase (Seddon et al., 2004, Verger, 
1997). However, lipase may adsorb onto the surface that is more hydrophobic. In 
presence of high TX-100 concentration lipase may lose its affinity towards substrate 
and instead interact with TX-100. As a result, now the active site of lipase is adsorbed 
onto TX-100 it will restrict the substrate access into it. All the above explained 
possibilities, explains why QLM activity decreased (as demonstrated in Figure 5.5.1, 




Figure 5.6.2 Schematic representation of the effect of Triton X-100 on substrate form. (1) 
Dispersion of ester emulsion modifies available interface (more free esters). (2) Formation of 
emulsion containing both ester and Triton X-100 (TX-100) dilutes substrate concertation in 
the interface. 
 
Lastly, the interactions of lipase with TX-100 are presented in Scheme 5.6.3. TX-100 
above its cmc forms a hydrophobic interface that lipase QLM can adsorb onto. TX-
100 has been previously shown to dissociate QLM dimers by Wilson et al. (2006). 




ester (Figure 5.6.3, 1) the lipase remains adsorbed onto the TX-100 micelles and QLM 
activity on the ester is minimal (as seen in Figure 5.5.1 experiment 3). Alternately, 
when the lipase is incubated with TX-100 that is subsequently diluted under the assay 
conditions with the C16 ester (Figure 5.6.3, 2), the micelles disperse and the adsorbed 
lipase is free to interact with the ester emulsion, resulting in an increase in lipase 
activity (as seen in Figure 5.5.1 experiment 4). When this was done QLM activity was 
approximately 80% of the activity of lipase in the absence of detergent (Figure 5.5.1 
experiment 1).  
 
 
Figure 5.6.3 Schematic representation of the interaction of Triton X-100 with lipase QLM. 
Triton X-100 (TX-100) is incubated with lipase QLM pre-assay. (1) When TX-100 
concentration is maintained and (2) when the concentration of TX-100 is diluted in the assay. 
 
5.7 Structural characterisation of immobilised lipase in the presence 
of Triton X-100 
Although TX-100 (0.05% – 0.2%) clearly affects substrate emulsion (Section 5.4), it 
didn’t appear to affect free QLM structure (Section 5.3.2). However, immobilised 
QLM in assays using the same concentration (0.1 and 0.4%) of TX-100 the activity 
increased with long chain esters as surface hydrophobicity of CRGOs increased up to 
4 hours (Figure 5.7.1). This is contradicting to the data considering the no TX-100 
activity. Hence to check if is influencing the structure of immobilised QLM, CD 




QLM was immobilised on GO/CRGOs, as discussed in Section 2.1.4, and incubated 
in buffer containing TX-100 before CD analysis (see Section 2.1.10). Similar to the 
earlier CD experiments with free lipase, the concentrations of TX-100 used were found 
to cause significant spectral noise making it difficult to interpret QLM-related spectra 
(Appendix 8.3, Figure 8.3.2). However, at concentrations <0.05% spectral noise was 
low enough for the signal from immobilised QLM to be interpreted. The CD spectra 
generated showed that a concentration of 0.05% TX-100 caused the structure of QLM 
immobilised on GO/CRGOs to change when compared to reactions containing no TX-
100. Previously, in the absence of TX-100 the -helix content of QLM decreased as 
the surface hydrophobicity of the support was increased, as discussed in Chapter 4. 
However, in the presence of TX-100 the α-helix content of QLM decreased on GO 
before increasing on 2 and 4 h CRGOs (Figure 5.7.1). Further increase in surface 
hydrophobicity to 8 and 12 h CRGOs caused the α-helix content of QLM to decrease 
again. These findings demonstrate that TX-100 is affecting the structure of QLM 
immobilised on GO/CRGO supports, with an apparent increase in α-helix content on 
2 and 4 h CRGO supports reverting the secondary structure close to its native form.  
The α-helix content of immobilised QLM determined by CD correlated with the 
activity profile of the same immobilised sample against long chain esters (Figure 5.7.2) 
relative to the free lipase, the activity of immobilised QLM decreased (on GO) before 
improving on 2 and 4 h CRGOs and then decreasing on 8 and 12 h CRGOs. A similar 
activity profile was observed in previous work that immobilised QLM on GO/CRGOs 
and measured their activity in the presence of TX-100 (Mathesh et al., 2016). While 
the study by Mathesh et al. (2016) suggested the surface hydrophobicity of the support 
was responsible for changes in activity towards long chain ester substrates, our 
findings demonstrate that the presence of TX-100 strongly influences the activity of 
immobilised QLM with these substrates.  
From the above experiments, TX-100 in the reaction assay was shown to interact with 
both immobilised QLM (mechanism as yet unknown) and the substrate to modify the 








Figure 5.7.1 Circular dichroism analysis of lipase QLM immobilised on GO/CRGO 
supports in the presence of Triton X-100. Secondary structural changes of immobilised QLM 
were observed in the presence of 0.05% Triton X-100 (TX-100). The α-helical content (%) of 
QLM was calculated using the method adopted from Morrow et.al. (2000). Each spectrum is 









Figure 5.7.2 Activity profile of immobilised lipase QLM against long chain ester in the 
presence of Triton X-100. Lipase activity assays using C16 as a substrate were performed in 




The findings in this chapter show that TX-100 affects the activity of lipase QLM 
immobilised on hydrophobic supports, by interacting with the substrate, support and 
lipase. The presence of TX-100 significantly improved the activity of immobilised 
QLM against medium and long chain esters relative to reactions containing no 
detergent. Investigating the interaction of TX-100 with GO/CRGOs, QLM (free & 
immobilised) and substrates, provided insights into how the detergent modifies lipase 
activity. TX-100 was found to adsorb onto the surface of CRGOs, most likely through 
hydrophobic interaction. In the presence of TX-100, the activity of free lipase QLM 
against NAP esters was altered, but no changes to the enzyme’s structure was detected 




immobilised on GO/CRGO showed that both lipase activity and bound structure were 
modified in the presence of TX-100. The presence of TX-100 increased the -helix 
content of QLM immobilised on 2 and 4 h CRGOs, which correlated with increased 
activity. Zetasizer analyses confirmed that TX-100 affects the ester substrates by way 
of emulsion droplet size distribution, concentration of free ester and/or the formation 
of mixed detergent-ester emulsions in solution. These changes in substrate form are 
most likely the primary reason for the observed difference in lipase (both free and 
immobilised) activity. 
By altering when TX-100 was added to the assay, mechanisms for the interaction of 
the detergent with substrate and lipase were investigated. The loss of free lipase 
activity at high TX-100 concentration is probably due to the absorption of the lipase 
onto the surface of TX-100 micelles, preventing its interaction with the ester emulsion. 
The above findings demonstrate the impact of TX-100 on modifying ester assay 






Dissociation of dimeric lipase into monomers upon 
contact with hydrophobic surfaces 
 
6.0 Introduction 
Lipases are known to self-assemble into ‘bimolecular aggregates’, forming dimers 
under aqueous conditions (Palomo et al., 2003). When two lipases come in contact 
with each other in solution, they undergo a conformational change from closed to open 
form, with the proteins forming a dimer and ‘interfacially activating’ each other 
(Palomo et al., 2003). Although these lipases are in the open conformation, their active 
sites are partially blocked due to the lipase-lipase interaction. Palomo et al. (2003) 
investigated the presence of dimeric lipases from Thermomyces lanuginosa (TL), 
Rhizomucor miehei (RML) and Candida rugosa (CRL). They found that dimeric lipase 
showed greater temperature and half-life stability than the monomeric lipase 
(dissociated using detergents). Immobilised preparations of both dimeric and 
monomeric TL on octyl-agarose (hydrophobic resin) showed the same specific 
activity, stability and enantio-selectivity, suggesting the dimers are dissociated upon 
adsorption onto the immobilisation support. However, so far lipases in dimeric or 
monomeric forms have not been structurally characterised when immobilised on 
hydrophobic resins. This is likely due to the difficulty associated with applying 
advanced structural characterisation techniques to study lipases immobilised on 
macro-sized supports. A recent study by Shanmugam (2016) used nano-graphene as a 
model to demonstrate the dissociation of dimeric RML. In their study, they applied 
fast-protein-liquid chromatography (FPLC) to monitor the dissociation of RML after 
being treated with urea (9 M) and nanographene. The study provides no structural 
characterisation of individual dimeric and monomeric forms of lipases immobilised on 
the graphene support.  
Advanced techniques are required to characterise dimeric and monomeric forms of 
lipases. Atomic force microscopy (AFM) can be used to characterise nano-scale 




or small angle X-ray scattering (SAXS) techniques, which are time-consuming and 
expensive. The thickness/height of GO is only about ~1 nm (Zhang et al., 2010b). To 
characterise a lipase adsorbed on its surface is difficult using other 
spectroscopic/microscopic techniques due to limited resolution. Since AFM can 
measure the height of GO, it can also measure the height of lipase adsorbed on its 
surface. Previously, AFM has been used to characterise enzymes bound on GO sheets 
(Zhang et al., 2010b, Mathesh et al., 2016, Zhang et al., 2014). Most studies have only 
measured the height/thickness by performing cross-sections of single molecules 
obtained from AFM images and do not report the average height of several cross-
sections. This results in some discrepancies in the reported height of a single molecule 
(Kovaleva et al., 2011). Some studies have performed several cross-sections on the 
same molecule and then averaged them to determine the molecule’s height and 
molecular volume. 
For example, Schneider et al. (1998) calculated the molecular volume of individual 
proteins to calculate the protein’s molecular weight. In their study, they considered 
individual protein molecules as spherical and calculated the molecular volume by 
substituting the height and diameter of each molecule in the volume of the sphere 
equation. The technique was applied to different native (e.g. glutathione-S-transferase) 
and denatured (e.g. actin) proteins. The calculated molecular volume values correlated 
with the theoretical values, calculated using each protein’s molecular weight. Neaves 
et al. (2009) used this technique to study the dimerisation of DNA in the presence of 
EcoKI Type I restriction enzyme. In the above studies, they characterised hundreds of 
individual molecules to deduce the average height and molecular volume of a single 
molecule. Using this approach provided more reliable data. The calculation can be 
made using AFM software NanoScope Analysis 9.1, which enables users to measure 
particle height, diameter and area, and generates a percentage depth histogram. Using 
this particle analysis software, a large number of samples can be analysed 
simultaneously, determining the height, diameter and area distribution of molecules 
on a surface.  
In this chapter, the dissociation of dimeric lipases was studied using hydrophobic GO 
as the model support. Dimer-forming lipases, such as RML, TL and QLM, were used 
to investigate the dissociation of dimers in the presence of GO. The lipases 
(commercial stock) were first purified using anion-exchange chromatography (AEC). 




to isolate the dimeric and monomeric forms of the lipases. AFM was then performed 
to analyse these dimeric and monomeric lipases after immobilisation on GO. Particle 
analysis of both dimeric and monomeric lipases on GO was performed to determine 
whether lipase dimers dissociate into monomers on contact with the hydrophobic 
surface.  
 
6.1 Purification and characterisation of lipase 
Lipases RML, TL and QLM were purified using AEC. Chromatography was 
performed as described in Section 2.1.13. The chromatograms from the AEC of lipases 
RML, TL and QLM are shown in Figure 6.1.1. The fractions collected from AEC were 
analysed by SDS-PAGE, and pNP activity assay to determine the presence of lipase. 
AEC of RML showed multiple peaks adsorbing at 280 nm, including the flow-through 
(FT, unbound material) and through the salt gradient. However, lipase activity was 
found only in the fractions collected between 18 – 30 minutes, suggesting the DEAE 
ligand was binding the target protein. Lipase activity was found in the FT fraction and 
those collected at 18 – 35 min from the AEC of TL and QLM. For TL, the activity 
present in the FT is likely due to saturation of the column with protein. Lipases bound 
to the DEAE resin were eluted by a salt gradient, increasing the specific activity 
(relative to protein content determined by absorbance at 280 nm). The majority of 
lipase QLM activity appears not to have bound to the column, with markedly higher 
activity present in the FT. Lipases RML, TL and QLM all have acidic isoelectric points 
(pIs) of 4.2, 4.4 and 4.1, respectively (Wu et al., 1996, Fernandez-Lafuente, 2010, 
Wilson et al., 2006). This should allow interaction with the DEAE functionality under 
basic (pH 8.0) conditions (i.e. at pH > pI, proteins should possess a net negative charge 
on their surface and can interact with the positively charged resin). However it appears 
that using the Macroprep®-DEAE support only works for the purfication of RML and 
TL. Since the amount of lipase activity in the QLM preparation was low, we increased 
the concentration and repeated the AEC. This resulted in a similar peak profile with a 
proportional increase in absorbance (data not shown). As a result only lipases RML 








Figure 6.1.1 Anion-exchange chromatography and fraction activity for lipases RML, TL and QLM. Chromatography was run with a flow rate of 1 
mL/min using Macro-prep® DEAE ion exchange resin. Anion-exchange chromatogram of commercial RML (a), TL (b) and QLM (c), the green and 
red traces represent absorbance at 280 nm and conductivity, respectively. Enzyme activity (U/mL) of the eluted fractions of interest (T-#) from the 
purification of RML d), TL (e) and QLM (f) was measured against pNP-dodecanoate. 
a) b) c) 




SDS-PAGE analysis (see Section 2.1.12) of AEC fractions containing lipases RML 
and TL was performed to characterise the molecular weight of the lipases (Figure 
6.1.2). Under the reducing and denaturing conditions of SDS-PAGE, unpurified RML 
was observed as two distinct bands, with molecular weights of ~52 (dimer) and ~31 
kDa (monomer), indicating that while some of the lipase dissociated into monomers, 
some was resistant to dissociation and remained as dimers (Figure 6.1.2, lane 2). 
Fractions from AEC showed a faint band dimer in the FT fraction (Figure 6.1.2, lane 
3). In fraction T14 the majority of RML was in the dimeric form (Figure 6.1.2, lane 
4), while in fraction T18 dimer and monomer bands were observed (Figure 6.1.2, lane 
5). In fraction T20 the majority of RML was observed in the monomeric form (Figure 
6.1.2, lane 6). SDS-PAGE analysis for unpurified TL showed two distinct bands at 
~31 (monomer) and ~63 kDa (dimer), with the majority of material present in the lower 
molecular weight band (Figure 6.1.2, lane 7). This suggests that under the conditions 
of SDS-PAGE that dimers were mostly dissociated into the monomeric form. The TL-
containing fractions from AEC also showed that lipase in FT and fraction T14 to be 
mostly in the monomeric form (Figure 6.1.2, lane 8 and 9). As some fractions 
containing RML were resistant to dissociation under SDS-PAGE conditions, which 
could provide a simple method for monitoring dimer dissociation, this lipase was 
chosen for further investigation.  
To determine which fractions contained the resistant dimer form of RML, SDS-PAGE 
analysis was performed again for all of the fractions obtained from AEC. As shown in 
Figure 6.1.3, the RML fractions from T10 to T13 (lanes 3 – 6) were resistant to 
dissociation, appearing almost entirely as a band at 52 kDa. Fractions T14 to T21 
(lanes 7 – 14) showed partial or total dissociation of RML dimers into monomers. The 











Figure 6.1.2 SDS-PAGE of lipase RML and TL-containing fractions collected from anion-
exchange chromatography. Lane 1; Molecular weight marker (12 – 225 kDa) (5 μL), lane 2; 
unpurified RML (10 μL); lane 3; RML in FT fraction, lane 4; RML in T14 fraction, lane 5; 
RML in T18 fraction, lane 6; RML in T20 fraction, lane 7; unpurified TL, lane 8; TL in FT 











Figure 6.1.3 SDS-PAGE of fractions collected from anion-exchange chromatography of 
RML. Lane 1; molecular weight marker (6.5 – 200 kDa) (10 μL), lane 2; unpurified RML (10 
μL); lane 3; RML in T10 fraction, lane 4; RML in T11 fraction, lane 5; RML in T12 fraction; 
lane 6; RML in T13 fraction, lane 7; RML in T14 fraction, lane 8; RML in T15 fraction, lane 
9; RML in T16 fraction, lane 10; RML in T17 fraction, lane 11; RML in T18 fraction, lane 12; 
RML in T19 fraction, lane 13; RML in T20 fraction, lane 14, RML in T21 fraction. 
 
6.2 Isolation of dimeric and monomeric forms of lipase using gel 
permeation chromatography 
Gel permeation chromatography (GPC) was used to separate RML dimers and 
monomers from one another based on their molecular weight (see Section 2.1.14). The 
chromatogram from the GPC of RML, and activity in the collected fractions, are 
shown in Figure 6.2.1. Two peaks were eluted from the column, the first at 8 – 12 min 
and a second minor peak at 18 – 22 min. Activity was only observed in the fraction 




to the low concentration of protein present or that no enzyme present, and everything 
coming out in the same form (in the first eluted peak). SDS-PAGE analysis of the two 
eluted peaks was used to check the presence of lipase dimers and monomers. However, 
no protein bands were observed in either fraction (data not shown). Due to the 
difficulty in detecting the presence of lipases by both activity assay and SDS-PAGE, 
a larger amount of lipase RML was purified by AEC. An aliquot (5 mL) of lipase RML 
(from the stock bottle) was purified using AEC and analysed by SDS-PAGE to obtain 
the fractions containing dimeric RML (Appendix. 8.5 and 8.6). 
 
 
Figure 6.2.1 Isolation of dimer and monomer lipase RML by gel permeation 
chromatography. Pooled AEC fractions (T10 – T13) were separated based on their molecular 
weight by GPC. Chromatography was run at a flow rate of 1 mL/min. The elution profile for 
lipase RML (a), the green and red traces represent absorbance at 280 nm and conductivity, 
respectively. (b) Enzyme activity (U/mL) of the eluted fractions of interest (shaded grey on 






A Superdex® 200 column was used for the GPC of fractions from the scaled-up AEC 
to isolate dimeric and monomeric forms of RML (see Section 2.1.14). This column 
has improved resolution, enabling better peak separation. GPC was performed on the 
dimer RML fraction from AEC, however only a single peak was observed (Appendix 
8.7). This indicated that only a single molecular weight species was being eluted in the 
chromatography (i.e. no separation of dimers and monomers was taking place). To try 
and obtain monomeric RML, several modifications were made to the composition of 
the mobile phase. Previous studies have reported that changing the ionic strength 
and/or the pH of a lipase-containing solution can result in the dissociation of dimeric 
lipases (Kumar et al., 1972, Osborne et al., 1985). Alternately, treatment with chemical 
denaturants, such as urea or guanidinium chloride, or detergent weakens the 
hydrophobic interaction between dimers and results in dissociation (Kumar et al., 
1972, Osborne et al., 1985, Angkawidjaja et al., 2012, Wilson et al., 2006). To test 
these factors the following buffers were used for GPC; (1) low ionic strength buffer 
(10mM Tris-HCl pH 8.0, 10 mM NaCl), (2) low pH buffer (10 mM sodium acetate pH 
5.0), (3) low ionic strength buffer with denaturant (10 mM Tris-HCl pH 8.0, 10 mM 
NaCl, 8 M urea) and (4) low ionic strength buffer with detergent (10 mM Tris-HCl pH 
8.0, 0.1% (v/v) Triton X-100). The amount of urea and Triton X-100 used in the buffers 
were the maximum concentrations that are compatible with the Superdex® 200 
column. The elution profile of RML from GPC using the different buffer compositions 
are shown in Figure 6.2.2. However, all conditions resulted in RML eluting primarily 
as a single peak (dimers), with the exception of the presence of a small shoulder peak 
in the low pH buffer.  
The reason for some of the RML fractions being resistant to denaturation required 
investigation. Previous reports have shown that RML can exist in two isoforms which 
may show similar molecular weight and activity but different isolectric points (Wu et 
al., 1996). This could explain why a proportion of RML undergoes dissociation while 
the rest does not. Since it was difficult to dissociate RML dimers that were resistant to 
denaturation under SDS-PAGE, another approach was required. GPC was performed 
for AEC fractions T17 – T21 (Appendix 8.5). It was found that the GPC elution profile 
of RML lipase in these fractions was similar to the elution profile of RML that was 
resistant to dissociation (Appendix 8.4), but SDS-PAGE of the sample showed mainly 






Figure 6.2.2 Gel permeation chromatography of purified lipase RML using different buffer compositions. Chromatography was run with a flow 
rate of 0.5 mL/ min using the different buffers. Chromatography performed with (a) low ionic strength buffer (10 mM Tris-HCl pH 8.0, 10 mM NaCl), 
(b) low pH buffer (10 mM sodium acetate pH 5.0), (c) buffer containing denaturant (10 mM Tris-HCl pH 8.0, 10 mM NaCl, 8 M Urea) and (d) buffer 






Further GPC of this dimer preparation was run using two different buffers, these were 
low ionic strength (10 mM Tris-HCl pH 8.0, 10 mM NaCl) and low pH buffers (10 
mM sodium acetate pH 5.0). The elution profile from the GPC of lipase RML using 
the two buffers was similar. In the low ionic strength buffer, multiple peaks eluted 
from 22 – 60 minutes (Figure 6.2.3a). The fractions (T1 – T13) collected were tested 
for the presence of lipase RML by activity assays and SDS-PAGE (Figure 6.2.3b & 
c). Because the previous analyses of GPC fractions by SDS-PAGE showed no bands, 
the fractions were concentrated using ammonium sulphate precipitation (see Section 
2.1.15). The greatest amount of lipase activity was observed in fractions T4 – T6, 
which fall in the expected range for dimer elution. Peaks eluted later in the 
chromatography (T10 – T13) also showed low levels of activity, which is consistent 
with the presence of small amounts of lipase. Based on the difference in elution times 
it is possible monomeric lipase is present in these fractions. However, no bands were 
visible when these fractions were analysed by SDS-PAGE. Bands visible on the gel 
were from fractions T4 and T6 (dimer peak) and represent the dimer dissociating into 
monomers under the reducing and denaturing conditions of the gel. With the low pH 
buffer, multiple peaks eluted from 32 – 60 minutes (Figure 6.2.4a). Activity assays 
and SDS-PAGE analyses of the fractions collected are presented in Figure 6.2.4b and 
c. Fractions T10 – T12 were the most active. SDS-PAGE of these fractions shows a 
strong band at ~31 kDa, resulting from the dissociation of dimeric lipase. However, as 
with the low salt buffer, peaks that eluted later in the separation were also found to 
have lipase activity that could be related to monomeric lipase. SDS-PAGE of these 
fractions showed the presence of a faint band at the expected size for RML monomer 
(~31 kDa). These bands confirm the presence of monomeric lipase in fractions T12 – 
T14. Since GPC using the low pH buffer showed two peaks, a major peak (eluted first) 
and a minor peak (eluted after), both of which had lipase activity and were visible at 
the correct molecular weight (SDS-PAGE), these peaks were assigned as dimeric and 
monomeric forms of lipase RML. The GPC fractions T7 – T10 and T13 – T15 were 
pooled separately into dimer and monomer preparations, respectively. These fractions 









Figure 6.2.3 Monitoring the dissociation of purified lipase RML dimer using low ionic 
strength buffer. Gel permeation chromatography was performed using a Superdex® 200 
column (GE Healthcare) for AEC purified RML fractions (T13 to T15, Appendix 8.5) (a). The 
chromatogram was run at a flow rate of 0.5 mL/min using low ionic strength buffer (10 mM 
Tris pH 8, 10 mM NaCl), the green and red traces represent absorbance at 280 nm and 
conductivity, respectively. Enzyme activity (U/mL) of eluted fractions of interest was 
measured against naphthalimide-octanoate (NAP-C8) (b). SDS-PAGE analysis for eluted 
RML fractions from GPC. RML fractions collected from low ionic strength buffer – lane 1; 
molecular weight marker (12 – 225 kDa) (5 μL), lane 2; unpurified RML from stock bottle (10 
μL), lane 3; fraction T1, lane 4; fraction T2, lane 5; fraction T4, lane 6; fraction T6, lane 7; 












Figure 6.2.4 Monitoring the dissociation of purified lipase RML dimer using low pH 
buffer. Gel permeation chromatography was performed using a Superdex® 200 column (GE 
Healthcare) for AEC purified RML fractions (T13 – T15, Appendix 8.5) (a). The 
chromatogram was run at a flow rate of 0.5 mL/min using low pH buffer (10 mM sodium 
acetate pH 5), the green and red traces represent absorbance at 280 nm and conductivity, 
respectively. Enzyme activity (U/mL) of eluted fractions of interest was measured against 
naphthalimide-octanoate (NAP-C8) (b). SDS-PAGE analysis for eluted RML fractions from 
GPC. RML collected from low pH buffer – lane 1; molecular weight marker (12 – 225 kDa) 
(5 μL), lane 2; unpurified RML from stock bottle (10 μL), lane 3; fraction T6, lane 4; 
fractionT8, lane 5; fraction T9, lane 6; fraction T10, lane 7; fraction T11, lane 8; fraction T12, 






6.3 Atomic force microscopy of dimeric and monomeric lipase RML 
immobilised on mica 
Atomic force microscopy (AFM) was used to investigate whether or not lipase dimers 
dissociate upon contact with the hydrophobic surface of GO. Using the dimer and 
monomer preparations isolated by GPC, AFM was used (see Section 2.1.16) to 
determine the height/thickness of lipase RML immobilised on the surface of GO. By 
comparing the height profiles of both dimers and monomers bound to the surface of 
GO it was hypothesised that differences in profile might indicate dissociation or its 
lack. Using this approach, if known dimer preparations, upon immobilisation gave the 
same AFM profile as that obtained for monomers it would suggest that the dimers had 
dissociated into monomers upon immobilisation.  
Lipase RML (dimeric and monomeric preparations) was drop-cast onto a freshly 
cleaved mica surface for imaging. Mica is commonly used as a support/substrate for 
AFM imaging because its flat surface allows samples to spread evenly. AFM images 
were obtained using silicon nitride (Si-Ni) tips under ScanAsyst air mode. AFM 
showed that lipase RML (immobilised dimer) appeared as bright spots on the mica 
surface. Previous reports of lipase imaged using AFM have shown enzymes as bright 
spots (Zhang et al., 2010b). To confirm that the spots were lipases, AFM imaging was 
also performed on a plain mica surface and the mica surface treated with the same 
buffer (10 mM sodium acetate pH 5.0) as the lipases were in. No bright spots were 
observed in either control. The plain mica showed a clean surface (Appendix 8.8), 
whereas mica treated with buffer showed large aggregates that were difficult to scan 
(data not shown).  
To measure the height of lipase RML from the dimer fraction, cross-section and 
particle analysis were performed using NanoScope Analysis 9.1 software. The lipases 
were mostly visible as individual bright spots. However, in some instances the 
enzymes appeared as two bright spots side by side. Analysis of the single and double 
spots were performed to measure the height of RML (Figure 6.3.1). On performing the 
height measurements, both cross-sectioning and particle analysis determined similar 
heights for the two side-by-side lipase molecules (2.085 and 2.115 nm). The height 
profile generated for the individual spots was also similar, at 2.18 nm. Due to the 
similarity in the height profiles for the single and double spots analysed by AFM, it is 




two spots in close proximity are individual RML (monomeric) molecules sitting next 
to each other. To date there are only a few reports in the literature regarding the use of 
AFM for the analyses of lipase dimers. However, Kovaleva et al. (2011) have reported 
what they deemed to be the height profile for dimeric lipase from Rhizopus niveus, 
which looks similar to our findings with the lipase RML. Their study measured the 
height of the lipase molecule by performing cross-sections, in which they mention that 
the width of the lipase molecule is much larger than its height. Neaves et al. (2009) 
also did similar measurement for protein molecules. They mentioned that using AFM 
Si-Ni tips can result in tip-convolution which causes a broadening of molecules in 
lateral measurements. In our measurements a similar profile was observed, in which 
the lateral measurement of individual RML was ~45 – 55 nm, which is much larger 
that the lateral size of an individual RML molecule. Although the data correlated with 
the work of Kovaleva et al. (2011), the possibility of two monomers not interacting 
directly with one another cannot be ruled out. The number of samples analysed by 
cross-sectioning was limited because the process involves analysing each RML 
molecule separately, which is time-consuming. To try and better determine differences 
between dimeric and monomeric lipase, particle analysis studies were performed on a 











Figure 6.3.1 AFM cross-section and particle analysis of RML lipase on a mica surface. AFM topography image of lipase RML on a mica surface 
showing single (a and b) and two lipase molecules (c and d). The height profile of single molecule (e and d) and two molecules (g and f) obtained 
using cross-section and particle analysis.   
a) b) c) d) 




The height profiles of both RML drop-cast from the dimer and monomer preparations 
onto mica were scanned at four different locations on the mica surface (Appendix 8.9). 
The particle analysis was performed for >600 individual lipase molecules. AFM 
images of lipase RML are presented for the dimer (Figure 6.3.2) and monomer (Figure 
6.3.3) preparations. Particle analysis was performed to calculate the height distribution 
of molecules (lipase) on the surface of mica. It can be observed that RML in the 
dimeric preparation is present with a wide range of heights, ranging from 0.5 – 5 nm 
(Figure 6.3.2). Whereas, the distribution for the majority of the monomers is 
partitioned into two distinct height ranges, these being 0.5 – 1.5 nm and 3.5 – 5 nm 
(Figure 6.4.3). The reason why the monomeric preparation shows two distinct 
populations of lipase molecule is not clear and needs further investigation. From 
particle analysis the average height, diameter and area of lipase molecules were 
calculated. The average values for RML in the dimeric preparation were 2.41 nm in 
height, 47.81 nm in width and an area of 0.0023 μm2. The average values for RML in 
the monomeric preparation were 2.52 nm in height, 40.07 nm in width and with an 
area of 0.0016 μm2. In both preparations, the average height, width and area of RML 
lipase molecules were similar. It appears that most of the RML lipase from the dimeric 
preparation were present as monomers once immobilised on the mica surface. Since 
the surface of mica surface is slightly hydrophobic (Das et al., 2010), it is likely that 
the dimeric RML has undergone dissociation on contact with mica, resulting in the 
values calculated being similar to those for the monomer preparation. However, 
average values calculated for the dimer preparation are slightly elevated, which could 
indicate the presence of biomolecular aggregates and it is possible that some of the 






Figure 6.3.2 AFM analysis of a dimeric preparation of RML lipase after adsorbing onto 
mica. (a) Topography of RML on mica (b) particle height, (c) diameter and (d) area distribution 
of lipase. The particle analysis for characterising the height, diameter and area distribution was 








Figure 6.3.3 AFM analysis of monomeric preparation of RML lipase after adsorbing onto 
mica. (a) Topography of RML in the monomeric preparation on mica, (b) particle height, (c) 
diameter, and (d) area distribution of lipase on the mica surface. The particle analysis for 
characterising the height, diameter and area distribution was performed on 1200 particles of 
RML lipase. 
 
6.4 Atomic force microscopy of dimeric and monomeric lipase RML 
immobilised on GO  
After determining how the different lipase preparations interacted with mica, the same 
experiment was performed using GO as the surface. To investigate if RML dimers 
dissociate into monomers when they come in contact with GO, the height distribution 







GO was drop-cast onto a mica surface and then air dried for several hours. The surface 
of GO was then scanned using AFM to check if the surface of GO was clean and free 
from particles that could be confused with lipase molecules during analysis (Appendix 
8.10). Following this, the dimeric and monomeric preparations of RML were drop-
cast onto the GO surface and air dried for several hours before AFM measurement. 
The samples were scanned at four different locations on mica surface (Appendix 8.11). 
Figure 6.4.1 shows the presence of lipase RML on GO in the form of bright spots. 
These were not visible on the surface of GO in the absence of enzyme. Fibre-like 
structures were observed on the GO surface in some experiments. It is unclear exactly 
what caused them, but previous studies using AFM imaging of GO have reported the 
formation of wrinkles and folds on the surface (Musumeci, 2017, Deng and Berry, 
2016). Based on this information, we suspect that the observed fibre-like structures are 
either GO folds or precipitates of buffer salts near GO folds. Particle analysis was 
performed for >150 lipase molecules from both dimer and monomer lipase 
preparations to obtain the height, width and area distributions of GO-bound RML in 
each. The average values for single lipases derived from the RML dimer preparation 
immobilised on GO had an average height of 2.36 nm, width of 53.84 nm and area of 
0.0054 μm2 (Figure 6.4.1). Lipase molecules from the RML monomer preparation 
immobilised on GO showed an average height of 2.29 nm, width of 56.42 nm and an 
area of 0.0011 μm2 (Figure 6.4.2). Comparison of the height distribution between RML 
dimer and monomer preparations on GO, shows that the height and width of both 
samples are almost identical. The height of RML molecules on GO was ~2.3 nm which 
is slightly lower than that found with mica. The area was markedly different, with the 
dimer preparation have approximately 5 times the area of the monomer. This is not 
consistent with expectations of parameters for a dimer (2 times) but suggests that when 
the lipase solution was loaded onto the GO surface the proteins may have aggregated. 
The width of dimer and monomer preparation was also very similar, but was ~10 nm 
more than that found with mica, and the area was also larger. This may be because GO 
is a more hydrophobic than mica and interacts more strongly with the lipase molecules. 
As such, there is more likelihood of partial deformation of lipase structure, resulting 
in the adsorbed lipase having a smaller height profile, greater width and larger area. 
Overall, when the height distribution of both dimer and monomer preparations of RML 
on GO is compared, it can be observed that the number of particles >4 nm in height is 




of a single molecule from our measurement and the previously reported data is 
between 2.5 – 3.5 nm (Shanmugam, 2016, Kovaleva et al., 2011). Based on this 
information, heights >3.5 nm suggests the presence of protein molecules in aggregated 
states.  
The AFM results discussed above demonstrate that the surface hydrophobicity of GO 
affects the structure of RML. Importantly, it confirms that the majority of RML dimers 
appear to dissociate into monomers on contact with the GO surface. 
 
 
Figure 6.4.1 AFM analysis of molecules from a dimeric preparation of RML lipase 
immobilised on GO. (a) Topography of RML lipase, (b) particle height, (c) width and (d) area 
distribution. The particle analysis for characterising the height distribution was carried out to 









Figure 6.4.2 AFM analysis of molecules from a monomeric preparation of RML lipase 
immobilised on GO. (a) Topography of RML lipase, (b) particle height, (c) width and (d) area 
distributions. The particle analysis for characterising the height distribution was carried out to 
over >100 particles of RML lipase on GO. 
 
6.5 Summary 
The findings in this chapter demonstrate the dissociation of dimeric lipase on contact 
with hydrophobic GO. Dimer forming lipases such as RML, TL and QLM were 
purified and characterised to see if these lipases were suitable for dimer dissociation 
studies. RML was chosen as it was more amenable to purification by AEC. Dimeric 
RML was exposed to different buffer compositions (low ionic strength and low pH 
buffers) and separated by GPC. A similar elution profile was observed with each 
buffer, with multiple peaks observed. Activity assays and SDS-PAGE confirmed the 
presence of lipase in two different peaks in the low pH buffer system. This suggested 
some of the dimers had dissociated into monomers. Dimer and monomer lipase 






using particle analysis allowed for a large data set to be characterised. The height, 
width and area of RML dimer or monomer preparations were calculated from a large 
set of samples, improving accuracy. AFM of the RML dimer and monomer 
preparations was initially performed on a mica surface to measure enzyme height. The 
RML dimeric preparation on mica showed the height of an individual lipase molecule 
to be distributed across a range 0.5 – 5 nm, whereas the monomeric preparation showed 
two distinct height populations at 0.5 – 1.5 and 3.5 – 5 nm ranges. Comparison of RML 
height profile on mica surface suggests that most of the RML lipase in the monomer 
preparation are present in monomeric or in less aggregated forms than the RML in 
dimer preparation. By averaging the particle analysis data, it was found that the 
average height, diameter and area of individual lipase molecule in both these 
preparations were similar and the values were close to that of a single lipase molecule. 
This suggests that the RML lipase in both dimer and monomer preparations are present 
mostly as monomers on the mica surface.  
Characterisation studies were then carried out with GO as the surface. This also 
showed that the RML from both dimer and monomer preparations had similar height 
distribution, with the majority of lipase molecules as monomers. The average height 
of RML lipase on GO was lower than its height on the mica surface. As the distribution 
of the height, diameter and area of RML dimer and monomer preparation on GO was 
similar, it is highly likely that the surface hydrophobicity of GO at least partially 








Conclusions and future directions 
 
Lipases are extensively used as biocatalysts for a range of industrial applications. 
Products produced by lipase-catalysed processes include cleaning agents, dairy 
products, animal feeds, human dietary supplements and chemical products. In 2018, 
the estimated market value of these products was $425.0 million USD and is expected 
to reach $590.2 million USD by 2023 (compound annual growth rate of 6.8%). Most 
applications use lipases in immobilised forms so that the biocatalyst can be re-used in 
multiple reaction cycles, reducing cost. Immobilisation of lipases on supports can lead 
to changes in enzyme properties. The changes can be detrimental or beneficial 
depending on the type of lipase, immobilisation method, support and reaction 
conditions that were used. To date, being able to predict how a lipase will behave once 
immobilised has not been possible. Therefore, understanding how immobilisation 
affects lipase activity, selectivity and structure is crucial to ensure activity is 
maintained on immobilisation, and potentially to use immobilisation as a means of 
controlling activity and selectivity. Since interest in utilising lipases for industrial 
application is growing, fundamental research into how immobilisation support 
properties affect lipase function is required.  
Currently, the use of macro-supports for investigating lipase changes on 
immobilisation at a fundamental level is challenging. These investigations require both 
solution studies of the lipase structure and preferably molecular level interactions 
studies, which can potentially be achieved by using 2D NMs. In addition, nano-size 
supports possess helpful properties, such as simple preparation, tuneable surface 
chemistries and dispersibility in solution, making them more suitable than macro-
materials for lipase immobilisation studies. The research presented in this thesis 
describes strategies to control lipase activity and selectivity. For this research, lipase 
immobilisation was carried out using 2D NMs as model supports. The project aims 
were divided into four research chapters and based on the significant findings in these 




In Chapter III, the 2D NM GO was used to synthesise a range of CRGOs with different 
levels of hydrophobicity, which were subsequently characterised for lipase 
immobilisation studies. Several techniques, such as elemental analysis, contact angle, 
UV-Vis, Raman and ATR-FTIR spectroscopy were used to characterise the surface 
hydrophobicity of GO and CRGOs. Elemental analysis was the most accurate 
technique to determine the surface oxidation levels on GO and CRGOs (2 h – 24 h). 
However, the technique is time-consuming, expensive and results in sample 
destruction, which limited its application for routine analysis of GO/CRGO samples. 
Spectroscopic techniques were found to be suitable for characterising small changes 
in reduction level/surface hydrophobicity in GO/CRGO samples. In addition, these 
techniques were simple, rapid and widely available, making them suitable for the 
routine analysis of surface reduction levels on GO/CRGOs. A novel approach using 
chemometrics was applied to process these spectroscopic data to quantify the reduction 
levels of the samples. The elemental data was used as a reference data set and was 
modelled with the spectroscopic data. Although all of the spectroscopic data correlated 
with the elemental data set, ATR-FTIR analyses appeared to provide the most detail 
for monitoring the reduction of different oxygen-containing functional groups on 
GO/CRGOs. Modelling spectroscopic data using PLSR provided a greater 
understanding of the surface reduction levels in these materials. The study is useful for 
research involving the use of GO/CRGOs, providing an accurate approach to monitor 
surface reduction levels.  
In Chapter IV, the synthesised GO and CRGOs were used as model supports for lipase 
immobilisation studies. To investigate the effect of surface hydrophobicity of CRGOs 
on lipase activity and selectivity, two different lipases (QLM and TL) were 
immobilised on GO and CRGOs (2, 4, 8 and 12 h). Using a fluorescence-based NAP 
assay gave higher sensitivity than the standard pNP assay for measuring the activity of 
these immobilised lipases. From activity measurements, it was found that support 
surface hydrophobicity had a significant effect on the activity and selectivity of both 
lipases. Both lipases immobilised on GO lost >80% of their initial (free enzyme) 
activity and activity decreased further with increasing surface hydrophobicity of the 
CRGOs. Immobilisation of QLM and TL resulted in changes to their selectivity with 
NAP esters. QLM selectivity shifted from optimally hydrolysing long chain to short 
chain esters in its free and immobilised forms, respectively. Whereas, TL retained its 




also found to desorb from the surface of the less hydrophobic supports (GO and 2 h 
CRGO). These findings show that support surface hydrophobicity affected the 
selectivity of QLM and TL differently. CD analyses of immobilised QLM and TL 
indicated that changes in activity and selectivity correlated with differences in how the 
two lipases’ structure changed upon immobilisation.  
The work reported in this chapter demonstrated how 2D NMs can be used to 
investigate the effect of support hydrophobicity on lipase properties. However, the 
activity of QLM immobilised on GO and CRGOs did not correlate with that previously 
reported in the literature. Previously, Mathesh et al. (2016) had shown that 
immobilisation of QLM on 4 h CRGO improved activity against a C16 ester substrate, 
when compared to QLM bound to other hydrophobic GOs (GO, 2 and 5 h CRGO). In 
order to understand the reason behind this, the methods used in the previous work were 
compared with those used in the current thesis work. Mathesh et al had used a stopped 
assay format with pNP esters to measure the activity of immobilised lipase. 
Additionally, their method included the detergent TX-100 in the assay. It concluded 
that changes in the assay protocol resulted in the observed difference in immobilised 
QLM activity. However, the presence of TX-100 could impact the function of the 
immobilised lipase. To investigate the effect of TX-100 on lipase activity and 
selectivity, the detergent was incorporated into the NAP assay while measuring the 
activity of QLM immobilised on GO/CRGOs. 
In Chapter V, it was shown that the presence of TX-100 significantly improved the 
activity of immobilised QLM against medium and long chain esters, relative to 
reactions containing no detergent. Further investigation was carried out to determine 
if TX-100 was interacting with the substrate, lipase and/or support. It was shown that 
a small amount of TX-100 was adsorbed onto the GO/CRGO supports. Also, TX-100 
affected the structure of free QLM, but only when the concentration of TX-100 was 
above its cmc. However, in the case of immobilised QLM, TX-100 below its cmc also 
affected lipase structure. CD analysis further revealed that the -helix content of QLM 
immobilised on 2 and 4 h CRGOs increased in the presence of TX-100. 
Interestingly, the presence of TX-100 also affected the activity of immobilised QLM 
towards C16 esters. Lipase activity for this ester was higher on 2 and 4 h CRGO than 
on GO, 8 h and 12 h CRGOs. These results were consistent with the data previously 
reported by Mathesh et al. (2016). Zetasizer analyses also showed that TX-100 




the formation of mixed detergent-ester emulsions in solution. These findings 
confirmed that the addition of TX-100 in the assay has a significant influence on the 
measured activity, by interacting with the substrate, support and lipase.  
Since the lipases used in the above studies have been reported to form dimers in 
solution, the effect of the hydrophobic support on the structure of dimeric lipase at 
single molecule level was investigated. AFM was used as a tool to investigate the 
interaction of dimeric lipase with the hydrophobic support. In Chapter VI, dimer 
forming lipases TL, QLM and RML were used to monitor the dissociation of lipase on 
mica and GO surfaces. RML was the most amenable to purification by AEC and 
dimeric and monomeric RML were able to be separated by GPC using a low pH 
running buffer. The fractions collected from GPC showed that some dimer had 
dissociated into monomers, and these RML dimer and monomer preparations (from 
GPC) were used in AFM studies. Compared to cross-sectioning, sample analysis by 
particle analysis was rapid and simple. Particle analysis allowed the measurement of 
the sample dimensions for a larger number of molecules simultaneously. From AFM 
measurement of the lipase bound to mica, the average height of a single lipase 
molecule derived from the RML dimer preparation was 2.41 nm and the monomer was 
2.52 nm. This data suggests that the RML lipase in both dimer and monomer 
preparations are present mostly as monomers on the mica surface.  
Analysing these samples on GO also showed that both RML dimer and monomer 
preparations had a similar height distribution, with an average of ~2.3 nm. Since both 
RML dimer and monomer preparations showed similar height profiles on GO, it 
suggests that lipase in dimeric forms dissociate into monomers when coming in contact 
with the hydrophobic surface. Also, the average height of single RML lipase molecule 
on GO was less than on mica, resulting slight deformation of lipase structure. This is 
primarily due to the surface hydrophobicity of GOs being greater than that of mica, 
resulting in stronger lipase to surface interactions. This demonstrated that the 
hydrophobic surface of GO can dissociate dimeric lipase into monomers.  
In this thesis, an attempt has been made to control and monitor the oxidation level on 
2D NMs for use in enzyme immobilisation. Previous studies involving the use of 2D 
NMs aim to tune the electronic properties of the NM by controlling oxidation levels. 
Therefore, our study will be useful to researchers needing to accurately quantify the 
surface reduction levels of 2D NMs such as GO. The ability to tune the surface 




lipase immobilisation studies. Using GO/CRGOs with known and controlled surface 
hydrophobicity we have demonstrated that lipase activity and selectivity can be altered 
and potentially controlled by immobilisation. Also, incorporating the detergent TX-
100 further modified the activity and selectivity of immobilised QLM. To date, limited 
information regarding the structure of lipases immobilised on solid supports has been 
reported in the literature. These findings have demonstrated how support 
hydrophobicity affects the structure of lipases with different active site topologies. 
Furthermore, AFM has provided evidence of the dissociation of dimeric lipase at a 
single molecule level on these hydrophobic supports. Further studies of lipase on 2D 
NMs will lead to an improved understanding of how lipases will interact with supports 
that have different surface chemistries.  
Future extension of this work could aim to define the order in which the individual 
oxygen-containing functional groups on GO are reduced. This would provide insight 
into the tunability of these materials, so that functional groups specific to 
functionalisation/immobilisation of biomolecules can be better controlled on the 
GO/CRGO surface. In addition, molecular dynamics studies could be performed to 
gain enable visualisation of lipase interaction with the support and substrates during 
assay, to enable a more targeted design approach to controlling lipase function. A study 
conducted to compare the effect of lipase immobilisation on nano- and macro-supports 
with similar surface hydrophobicities would also be useful since it would potentially 
enable the transfer of controllability to industrially useful macro supports. Lastly, the 
use of single particle cryo-electron microscopy to characterise and measure the 
thickness of a single molecule could be more useful, as a recent report indicates that 
this technique has improve resolution, compared to AFM. 
In addition to being useful as model materials, 2D NMs also have potential for use 
directly for biocatalytic applications. However, the use of these materials in 
commercial applications is challenging for a range of reasons, including poor control 
of 2D NMs lateral dimensions, cost and scalability. Also, their use in food-related 
processes presents unknown risks concerning toxicity and adverse health effects. 
Technical challenges also remain in using nanomaterials in a recoverable manner in a 
large-scale enzyme reactor. The application of these materials in large-scale 
biocatalysis, including food-grade applications, may preferably lie in the incorporation 
of 2D NMs into macrostructures. The synthesis of ‘enzyme papers’ of particular 




advanced chemistries are developed that can effectively control the properties of 2D 
NMs, we propose these challenges will be overcome. Overall, the use of 2D NMs for 
studying enzyme function remains a promising area of research. We anticipate that 
more researchers join this expanding area of research so that a comprehensive database 
can be generated to understand immobilisation mechanisms and how they impact 
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Appendix 8.1 Standard curve equations for CRGOs vs NAP 
fluorophore and Thermomyces lanuginosa vs NAP esters. 
Table 8.1.1 Standard curve equations for the quenching of NAP fluorescence by 
chemically reduced graphene oxides. 
Sample Standard curve equation 
NAP fluorophore y = 26.267x + 4.6915 
GO y = 22.963x + 2.9895 
2h CRGO y = 17.459x − 1.2476 
4h CRGO y = 17.24x − 0.4946 
8h CRGO y = 17.918x + 0.5694 
12h CRGO y = 16.726x + 4.0091 
Equations obtained for data measured in triplicate measurements 
 
Table 8.1.2 Standard curve equations obtained for lipase TL against NAP esters. 
 Standard curve equations 
C4 



















Appendix 8.2 Lowry’s protein estimation and NAP activity assay for 




Figure 8.2.1 Activity protein concentration assays of lipases TL and QLM in unbound 
(void/washed) samples after immobilisation on 4 h CRGO. Specific activity was calculated 
for lipases against NAP – C8 esters (a) protein concentration was determined using Lowry’s 







Appendix 8.3 Specific activity of QLM immobilised on CRGOs with 
and without Triton X-100 




Specific activity (U/mg)  
Substrate-C4 
 QLM QLM + 
GO 
QLM +  
2h 
CRGO 































0.4 % 381 ± 
31.5 
104 ± 3.4 302 ± 
29.7 









40 ± 1.2 5.6 ± 0.6 0 0 

























0 % 12969 ± 
652 
1136 ± 21 25 ± 1.3 1.4 ± 2.4 0 0 
0.1 % 2839 ± 
62.60002 
771 ± 62 1553 ± 
163 






















Figure 8.3.1 Circular dichroism analysis of 0.05% Triton X-100 (TX-100) in solution. The 
spectrum of Triton X-100 shows a strong positive and negative absorbance band at 193 and 
198 nm, respectively. Each spectrum is an average of 5 spectral scans 
 
Table 8.3.2 Specific activity of QLM against NAP esters in the presence of different 
concentrations of Triton X-100. 
Triton X-100  Specific activity (U/mg) of QLM 
 Substrates 
C4 C8 C16 
0 % 2717 ± 97 9536 ± 287 12969 ± 652 
0.05 % 9092 ± 600 3661 ± 258 1172 ± 34 
0.1 % 3372 ± 348 11091 ± 908 2839 ± 63 
0.2 % 995 ± 26 5666 ± 104 4013 ± 207 
0.4 % 381.3 ± 32 2935 ± 49 4612 ± 108 








Figure 8.3.2 Circular dichroism analysis of immobilised QLM in the presence of Triton X-
100. A noisy spectra is generated using both 0.1% (a) and 0.4% (b) Triton X-100 in CD 











Appendix 8.4 Gel permeation chromatography of purified RML 
using Sephadex® G-75 column 
 
 
Figure 8.4.1 Gel permeation chromatography of purified lipase RML. Chromatography 
was performed using a Sephadex® G-75 column (GE Healthcare) equilibrated with a running 













Appendix 8.5 Anion-exchange chromatography and fraction activity 
for lipase RML 
 
 
Figure 8.5.1 Anion-exchange chromatography and fraction activity for lipase RML. Lipase 
RML (5 mL) from the stock bottle was diluted with 5 mL buffer A (20 mM Tris-HCl pH 8.0, 
20mM NaCl) and loaded in 5 x 2 mL injections onto the anion-exchange column 
(Macroprep®-DEAE resin) to purify RML. Chromatography was run at a flow rate of 1 
mL/min. The elution profile for lipase RML (a), the green and red traces represent absorbance 
at 280 nm and conductivity, respectively. Enzyme activity (U/mL) of the eluted fractions (T1, 
T2, T7, T8, T9, T10, T11, T12, T13, T14, T15) from the anion-exchange chromatography of 











Figure 8.6.1 SDS-PAGE of fractions collected from the anion-exchange chromatography 
of RML. Lane 1; molecular weight marker (225 – 12 kDa) (5 μL), lane 2; unpurified RML (10 
μL), lane 3; Fraction T1, lane 4; Fraction T2, lane 5; Fraction T7, lane 6; Fraction T12, lane 









Appendix 8.7 Gel permeation chromatography of purified RML 
using Superdex® 200 column 
 
Figure 8.7.1 Gel permeation chromatography of purified lipase RML. Chromatography 
was performed using a Sephadex® G-75 column (GE Healthcare) equilibrated with a running 
buffer (20 mM Tris-HCl pH 8.0, 150 mM NaCl) at a flow rate of 0.5 mL/min. 




Figure 8.8.1 AFM surface characterisation of mica. (a) AFM topographical image of a 





Appendix 8.9 AFM imaging and particle analysis of RML in dimeric 
and monomeric fractions 
 
                               
                               
                               
 
Figure 8.9.1 AFM imaging of RML dimer and monomer preparations. AFM scans of lipase 
RML at three different location on a mica surface were performed. RML dimer preparation (a, 












Appendix 8.10 AFM imaging of GO sheets 
 
                                           
                                    
Figure 8.10.1 AFM imagining of GO sheets. Topographical image (a, b and c) and height measurements (b, c and d) for GO sheets. 
 







Appendix 8.11 AFM imaging and particle analysis of RML in dimeric 
and monomeric preparations immobilised on GO 
 
                                
                                
                                
Figure 8.11 AFM imaging of RML dimer and monomer preparations immobilised on GO. 
AFM scans were performed at three different locations on a mica surface. RML dimer (a, b 
and c) and monomer (d, e and f) preparations immobilised on GO. 
 
a) 
b) 
c) 
d) 
e) 
f) 
